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ABSTRACT 
KAREN G. LLOYD: MICROBIALLY-DRIVEN METHANE AND SULFUR CYCLING 
IN A GULF OF MEXICO METHANE SEEP AND THE WHITE OAK RIVER ESTUARY 
(Under the direction of Andreas Teske) 
 
Methane is a globally relevant greenhouse gas, but many key questions remain about 
the microbes that produce it, and the microorganisms responsible for oxidizing it 
anaerobically to CO2 via sulfate reduction. I used DNA- and RNA-based techniques coupled 
to geochemistry to study the spatial relationship and functions of microbes at a Gulf of 
Mexico deep-sea hydrocarbon seep, and methane-cycling archaea in the shallow White Oak 
River estuary, North Carolina. In particular, I concentrated on ribosomal RNA for the small 
16S subunit and messenger RNA encoding Dissimilatory Sulfite Reductase or Methyl 
Coenzyme M Reductase, which are key enzymes in sulfate reduction or anaerobic methane 
production/oxidation. First, I examined different nucleic acid extraction techniques and found 
that avoiding silica column purification procedures appears to be necessary to avoid yield 
loss in humic acid-rich samples like the White Oak.  
In the Gulf of Mexico, Mississippi Canyon 118 (MC118), subseafloor hydrocarbon 
seeps fuel large Beggiatoa spp. mats at the sediment-water interface. In a transect of cores 
across a Beggiatoa spp. mat, I found that the mat accurately circumscribes near-surface 
hydrocarbon seepage and surface microbial communities, but deeper in the sediments, seep-
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related communities appear uncoupled from the immediate presence of either seeping fluids 
or sulfate as an electron acceptor.  
In the White Oak River estuary, I found that the organisms thought to mediate the 
anaerobic oxidation of methane transcribe genes and maintain stable population sizes well 
into the methane production zone, agreeing with previous indications from the literature that 
they are also capable of methane production. After making primers specific for the 
uncultured Miscellaneous Crenarchaeotal Group (MCG), I found that they dominate the 
archaeal DNA and RNA content of White Oak River estuary sediments, although their RNA 
content may decrease after sulfate is depleted.  
Altogether this work has shown that microbial distribution patterns are relevant at 
deep-sea hydrocarbon seeps, anaerobic methane oxidizing archaea are most likely capable of 
methane production as well, and that the MCG group may be quite important to 
biogeochemistry. 
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Chapter 1 Dissertation Introduction 
 
Per molecule, methane is 25 times more effective at retaining atmospheric heat than is 
CO2, and is therefore a powerful greenhouse gas (Lelieveld et al. 1998). The bulk of current 
methane emissions to the atmosphere are anthropogenic, because methanotrophic microbes 
(aerobic and anaerobic) constrain natural methane emissions (Lelieveld et al. 1998; Etiope 
and Klusman 2002; Wuebbles and Hayhoe 2002).  Natural oceanic sources of methane are 
either thermogenic (produced in the deep oceanic subsurface after thermal cracking of deeply 
buried organic matter), biogenic (produced as a metabolite of archaea), or abiotic (metal 
catalyzed reactions of CO2 and H2 at high temperature). In estuaries and non-seep sediments, 
methane is primarily biogenic, formed from fermentative end products (such as acetate and 
H2/CO2) at a depth where more energetically favorable electron acceptors (such as O2, NO3-, 
and SO42-) have been depleted (Froelich et al. 1979; Lovely et al. 1982; Hoehler et al. 1998; 
Hoehler et al. 2001; Finke et al. 2007). Thermogenic methane is often found in geologically 
active parts of the seafloor, such as the Gulf of Mexico, where deeply buried methane 
deposits seep upwards through seafloor fractures and combine with biogenic methane 
(Sassen et al. 2003). Together, biogenic and thermogenic methanogenesis produce an 
estimated 70 Tg carbon/yr from methane (Reeburgh et al. 1993). However, very little of this 
methane is released into the atmosphere because it is removed from sediments through 
microbially mediated anaerobic oxidation of methane (AOM) (Reeburgh 1996; Wuebbles 
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and Hayhoe 2002; Krüger et al. 2005). AOM is energetically possible because sulfate, an 
abundant constituent of seawater, diffuses into marine sediments and can serve as an electron 
acceptor for methane oxidation under certain anaerobic conditions. The result is the 
following net reaction: 
   
CH4 + SO42-  HCO3- + HS- + H2O 
 
AOM occurs in nearshore and open ocean sediments, methane hydrates, and 
hydrocarbon seeps, as shown by modeling of porewater constituents, radiotracer rate 
measurements, and stable isotope measurements (Hinrichs and Boetius 2002). During Earth’s 
Archaean period, fermentation of the products of anoxygenic photosynthesis resulted in an 
abundance of methane; and sulfate may have first been available as cyanobacteria developed 
the capability of oxygenic photosynthesis. Therefore, AOM may have been an important 
process shaping the chemical composition of the early Earth, and may have driven the 
negative isotopic excursion in sedimentary organic matter around 2.7 Ga (Hayes 1994; 
Hinrichs 2002).  Another geobiological implication of AOM is that it increases local 
alkalinity by releasing bicarbonate. Some deposits of 13C-depleted carbonate rocks can be 
attributed to AOM (Peckmann and Thiel 2004). Due to the small redox potential between 
methane and sulfate, this process yields very little energy for the organisms that use it 
(Schink 1997). AOM may therefore provide insights into the energetic limits of where life 
can survive on Earth and elsewhere in the Solar System.  
The classic environments for studying the geochemistry of AOM are nearshore 
systems with very low methane fluxes. In these systems, methane produced by archaeal 
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breakdown of organic matter diffuses upwards through the sediments. At the point where 
methane diffusing upward intersects sulfate that is diffusing into the sediments from the 
overlying seawater, AOM can occur. This methane-sulfate transition zone (SMTZ) is found 
in nearshore sediments including estuaries, sounds, straits, bays (Martens and Berner 1977; 
Martens et al. 1998; Bian et al. 2001; Thomsen et al. 2001), and river deltas (Blair and Aller 
1995), as well as deep ocean sediments (D'Hondt et al. 2004). However, most 
microbiological studies of AOM (using DNA and RNA biomarkers) have focused on 
methane seeps, where high methane fluxes support a large microbial and animal biomass 
(Hinrichs and Boetius 2002). These seeps occur in subduction zones, spreading centers, as 
well as some organic rich coastal sediments. In these areas, AOM cannot oxidize all the 
methane, resulting in the release of an estimated 8 to 48 Tg methane to the atmosphere per 
year globally (Etiope and Klusman 2002). At methane seeps, the SMTZ is usually obscured 
by methane ebullition and the presence of gas hydrates, which are ice-bound deposits of solid 
methane. These methane seeps are often patchy, according to subsurface methane flows; and 
the sediment surface is usually covered with bacterial mats that oxidize sulfur species 
(Sassen et al. 1999). The heterogeneous environment present at methane seeps offers niches 
for AOM communities that range from high methane flux to non-bubbling sediments that are 
more similar to the common nearshore SMTZs. However, the identity, abundance, and 
distribution of AOM communities in globally widespread non-seep sediments have been 
poorly characterized. Comparing the microbiology of methane seep and non-seep 
environments will break new ground in understanding the role of this important process in 
stemming methane releases to the atmosphere. 
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1.1 Current knowledge about AOM-associated microbes 
 Since no AOM-associated microbes have yet been obtained in pure culture, 
information about their identity has come from correlating environmental carbon stable 
isotope biosignatures to gene sequences, enriching for AOM in sediments, and sequencing 
large genomic fragments from sediments (Girguis et al. 2003; Hallam et al. 2004). 
Fluorescent in situ hybridization (FISH) coupled with stable isotope mass spectrometry 
suggest that the sulfate reducing portion of the equation is mediated by sulfate reducing 
bacteria that are in a consortium with archaea that oxidize the methane (Boetius et al. 2000; 
Orphan et al. 2001).  The 16S small subunit ribosomal RNA gene sequences of AOM-
associated archaea fall into three phylogenetic groups called ANME-1, ANME-2, and 
ANME-3 (Hinrichs et al. 1999; Knittel et al. 2005), with subgroups therein.  The sulfate 
reducing syntrophic bacteria have been identified as members of the 
Desulfosarcina/Desulfococcus (DSS) or Desulfobulbus genera, although these bacteria are 
free-living as well (Boetius et al. 2000; Hinrichs et al. 2000).  
Evidence that ANME groups are actually methanogens operating in reverse is 
mounting. In addition to studies showing that methanogenic inhibitors halt AOM (Alperin 
and Reeburgh 1985; Hoehler et al. 1994), environmental genomic studies have shown that 
both ANME-1 and ANME-2 carry genes responsible for nearly all the enzymatic steps of 
methanogenesis, or methane production (Hallam et al. 2004; Meyerdierks et al. 2005). The 
microbes responsible for AOM share key biomolecules with methanogens, such as Methyl 
coenzyme M reductase (encoded for by the gene mcrA), and may be able to produce methane 
when geochemical conditions favor this process. As predicted by their genomic capabilities, 
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both ANME-1 and ANME-2 have been found to be active below the zone of sulfate 
penetration, coincident with methanogenesis (Orcutt et al. 2005).   
Many anoxic sediments also contain a large proportion of organisms that have thus 
far been identified only by their 16S sequences (Rappé and Giovannoni 2003).  Some of 
these groups, called Miscellaneous Crenarchaeotal Group (MCG) and Marine Benthic 
Groups B and D (MBG-B and MBG-D), are often found to be associated with the SMI in 
non-seep sediments (Biddle et al. 2006), as well as methane seeps (Knittel et al. 2005).  
Although there is no direct evidence of their involvement in AOM, their role in the 
environment is completely unknown, so they may be fermenters that utilize biomass created 
through AOM.  
 
1.2 RNA as an indicator of active communities  
 Because current culturing methods cannot detect the majority of 
environmental microbes, these communities are most often studied by extracting, amplifying, 
and sequencing bulk DNA (Rappé and Giovannoni 2003). However, DNA-based clone 
libraries may not necessarily represent living microbes since extracellular DNA has some 
preservation potential in cold anoxic environments (Willerslev and Cooper 2005), and eludes 
hydrolysis through adherence to mineral surfaces (Blum et al. 1997) from which it can 
nevertheless by amplified with PCR (Peng et al. 2007). RNA, however, is an inherently less 
stable molecule than DNA, since it is mostly single-stranded and is susceptible to peptide 
backbone hydrolysis due to its extra 2’ hydroxyl group which stabilizes the transition state. 
16S rRNA clone libraries obtained through reverse transcription of extracted 16S rRNA often 
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contain only a subset of the sequences derived from DNA-based 16S rRNA gene clone 
libraries in a single sediment type, suggesting that these represent the active subpopulation 
(Mills et al. 2005; Edlund et al. 2008). Independent measurements of cell activity in the 
environment, such as bromodeoxyuridine (BrdU) uptake, identify populations closely related 
to those derived with RNA-based clone libraries (Edlund et al. 2008). In addition, RNA, and 
not DNA, levels are positively correlated with common indicators of microbial activity such 
as 3H-adenine incorporation in the marine water column, oxygen consumption in marine 
sediments, and chlorophyll a content and 14C-fixation rates in marine phytoplankton 
communities (Karl 1981; Berdalet and Estrada 1993; Dell'Anno et al. 1998). While it is not 
possible to directly measure the different fates of DNA and RNA over geological timescales, 
it is likely that microbial community descriptions using reverse transcribed 16S RNA more 
closely match the intact and living population of sedimentary microbes than do DNA-based 
analyses. Analysis of mRNA transcripts in natural populations is a useful way to link 
presence of specific microbial groups to their activity in situ. Extraction of RNA directly 
from marine sediments is difficult given the often low activity of microbes in anoxic 
environments and the susceptibility of unprotected RNA to RNases during the extraction 
process (Felske et al. 1996). Therefore, microbes that are in low abundance or those with low 
cellular RNA content will likely be missed by our analysis. However, this method is useful 
for accessing the most active members of the population and removes much of the 
uncertainty about whether culture-independent methods describe functional populations. 
The purpose of my work was to use the sequences and abundance of relevant DNA 
and RNA sequences, to examine the relationship between SMI-associated communities in 
high methane (Gulf of Mexico) and low methane (White Oak River estuary) sediments. In 
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these settings, I examined methodological pitfalls of RNA and DNA extraction methods 
(Chapter 1), the spatial organization of methane and sulfur cycling organisms in a methane 
seep (Chapter 2), the potential metabolic versatility of AOM communities (Chapter 3), and 
the activity and abundance of uncultured organisms in a diffusive low-methane environment 
(Chapter 4). 
  
Chapter 2 Quantitative PCR methods for RNA and DNA in 
marine sediments:  Maximizing yield while overcoming 
inhibition 
 
2.1 Abstract 
For accurate quantification of DNA and RNA from environmental samples, yield loss 
during nucleic acid purification has to be minimized. Quantitative PCR and reverse 
transcription-PCR (qPCR and qRT-PCR) require a trade-off between maximizing yield and 
removing inhibitors. We compared DNA and RNA yield and suitability for quantitative 
SYBR Green PCR and RT-PCR, using the UltraClean and PowerSoil extraction kits (MoBio) 
and a bead-beating protocol with phenol/chloroform extraction steps and. Purification 
methods included silica-column based procedures from the MoBio kits, RNeasy MinElute 
(Qiagen), WizardPlus miniprep columns (Promega), versus an acrylamide gel extraction.  
 DNA and RNA purification with WizardPlus and RNeasy, respectively, led to 
significant losses of nucleic acids and archaeal 16S rRNA or rDNA. Extraction and 
purification of DNA with the MoBio DNA UltraClean and DNA PowerSoil kits also 
decreased yields slightly, relative to gel purification, in all sediments except those from the 
Gulf of Mexico. Organic matter in humic-rich sediments may bind to these silica columns, 
reducing their nucleic acid loading capacity. Purification with gel extraction cleans up 
organic-rich sediment samples sufficiently for quantitative analysis while avoiding the yield 
loss associated with commonly-used silica columns. 
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2.2 Introduction 
Real-time quantitative PCR and reverse transcription-PCR (qPCR and qRT-PCR) are 
powerful methods for determining the copy numbers of individual genes within a sample. 
When applied to environmental nucleic acid extractions, these methods can provide valuable 
information about in situ microbial activity, and are cornerstones of modern molecular 
ecological studies (Wilms et al. 2006). The comparability of such studies between 
environments, or even at different depths in the same sediment column, depends on 
optimizing nucleic acid yields and amplification efficiency for each particular sediment type. 
The sensitivity of qPCR and qRT-PCR to small amounts of inhibitors necessitates post-
extraction purification of nucleic acids from many environments, including organic-rich 
marine sediments. The cycle number at which the SYBR Green or TaqMan probe-bound 
fluorescence of amplicons can be detected (Ct) is used to quantify the original template copy 
number. Even small amounts of inhibitor delay the Ct of each sample, causing erroneously 
low estimates of template copy number. This sensitivity warrants more stringent purification 
procedures than are required for endpoint PCR. PCR additives, such as bovine serum 
albumin or T4 protein, can alleviate inhibition (Kreader 1996) but also disrupt qPCR/qRT-
PCR by binding to template DNA or cDNA (Sharma et al. 2007). Preparation of samples for 
qRT-PCR has the added complication that all DNA must be removed, since it will be 
amplified along with cDNA. Many studies have evaluated DNA and RNA purification 
protocols for sedimentary extracts in order to minimize PCR inhibition while maximizing 
yield in endpoint PCR (Zhou et al. 1996; Miller et al. 1999; Hurt et al. 2001; Lakay et al. 
2006). However, these purification methods must be evaluated for use in qPCR and qRT-
PCR applications.  
10 
 
 Previous studies have shown that commercially available DNA and RNA 
clean-up kits are sufficient for removing inhibitors for PCR and RT-PCR (Inagaki et al. 
2003; Sørensen et al. 2004; Biddle et al. 2006; Lloyd et al. 2006; Whitehouse and Hottel 
2007)(Inagaki et al. 2003; Sørensen et al. 2004; Biddle et al. 2006; Lloyd et al. 2006; 
Whitehouse and Hottel 2007)(Inagaki et al. 2003; Sørensen et al. 2004; Biddle et al. 2006; 
Lloyd et al. 2006; Whitehouse and Hottel 2007)(Inagaki et al. 2003; Sørensen et al. 2004; 
Biddle et al. 2006; Lloyd et al. 2006; Whitehouse and Hottel 2007)(Inagaki et al. 2003; 
Sørensen et al. 2004; Biddle et al. 2006; Lloyd et al. 2006; Whitehouse and Hottel 
2007)(Inagaki et al. 2003; Sørensen et al. 2004; Biddle et al. 2006; Lloyd et al. 2006; 
Whitehouse and Hottel 2007)(Inagaki et al. 2003; Sørensen et al. 2004; Biddle et al. 2006; 
Lloyd et al. 2006; Whitehouse and Hottel 2007)(Inagaki et al. 2003; Sørensen et al. 2004; 
Biddle et al. 2006; Lloyd et al. 2006; Whitehouse and Hottel 2007)(Inagaki et al. 2003; 
Sørensen et al. 2004; Biddle et al. 2006; Lloyd et al. 2006; Whitehouse and Hottel 
2007)(Inagaki et al. 2003; Sørensen et al. 2004; Biddle et al. 2006; Lloyd et al. 2006; 
Whitehouse and Hottel 2007)(Inagaki et al. 2003; Sørensen et al. 2004; Biddle et al. 2006; 
Lloyd et al. 2006; Whitehouse and Hottel 2007)(Inagaki et al. 2003; Sørensen et al. 2004; 
Biddle et al. 2006; Lloyd et al. 2006; Whitehouse and Hottel 2007)(Inagaki et al. 2003; 
Sørensen et al. 2004; Biddle et al. 2006; Lloyd et al. 2006; Whitehouse and Hottel 
2007)(Inagaki, Suzuki et al. 2003; Sørensen, Lauer et al. 2004; Biddle, Lipp et al. 2006; 
Lloyd, Lapham et al. 2006; Whitehouse and Hottel 2007)(Inagaki, Suzuki et al. 2003; 
Sørensen, Lauer et al. 2004; Biddle, Lipp et al. 2006; Lloyd, Lapham et al. 2006; Whitehouse 
and Hottel 2007). The RNeasy MinElute Clean-Up (Qiagen), WizardPlus SV Miniprep 
(Promega), and UltraClean or PowerSoil soil DNA extraction (MoBio) kits use silica 
11 
 
columns to retain high molecular weight RNA or DNA while removing inhibiting molecules 
such as humic acids, salts, and proteins. We compared the silica columns with a gel 
extraction method that does not require the use of a silica column, and determined their 
effects on RNA and DNA extracted from estuarine and deep ocean sediments. 
 
2.3 Materials and Methods 
2.3.1 RNA and DNA extractions. Sediments were obtained with 1.5 m piston-cores 
in the White Oak River (WOR) estuary in North Carolina in July 2005 (WOR-A) and 
December 2006 (WOR-E). Deep ocean sediments were obtained from the Peru Margin with 
Ocean Drilling Program Leg 201 at site 1229, hole D, subcore 1H-2, sample DNAT (2.25-
2.30 meters below the seafloor) in 150 m water depth (referred to as 1229) (D'Hondt et al. 
2003)(D'Hondt et al. 2003)(D'Hondt et al. 2003)(D'Hondt et al. 2003)(D'Hondt et al. 
2003)(D'Hondt et al. 2003)(D'Hondt et al. 2003)(D'Hondt et al. 2003)(D'Hondt et al. 
2003)(D'Hondt et al. 2003)(D'Hondt et al. 2003)(D'Hondt et al. 2003)(D'Hondt et al. 
2003)(D'Hondt, Jørgensen et al. 2003)(D'Hondt, Jørgensen et al. 2003); and from bacterial 
mat-covered sediment at Gulf of Mexico site Mississippi Canyon 118 (referred to as GOM), 
900 m water depth, using the Johnson Sea-Link submersible, dive 3570, core 1, 0-1 cm 
below the seafloor. Total RNA was extracted following previously described methods with 
30 s bead-beating in pH 5 phenol, followed by successive extractions with phenol, 
phenol/chloroform, and chloroform using 0.5 to 9 g of sediment (Biddle et al. 2006). All 
glassware was baked overnight at 160°C, all plasticware was autoclaved for 2 hours, and all 
aqueous solutions were treated with 0.1% diethyl pyrocarbonate to inactivate RNases. Total 
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DNA was extracted from 0.7 to 10 g sediment with an identical method, except the extraction 
buffer and phenol were pH 8 instead of pH 5 (Fig. 2-1). DNA was also extracted using the 
UltraClean kit (MoBio, Carlsbad, CA; for WOR-A 43 and 49 cm) or PowerSoil kit (MoBio, 
Carlsbad, CA; for WOR-A 1 cm and deep ocean sediments) following the manufacturer’s 
instructions (Fig. 2-1). In all cases, extraction blanks underwent all extraction, purification, 
and measurement steps alongside the samples. Following phenol extraction and precipitation, 
the crude RNA and DNA extracts from WOR were dark brown and produced an opaque 
solution when dissolved in 80 µl water; further purification was required. The deep ocean 
samples were also brown, but translucent when dissolved in water. In contrast, the DNA 
extracts using the UltraClean and PowerSoil kits were nearly clear for all samples.   
 
 
FIGURE 0-1 FLOWCHART OF EACH EXTRACTION/PURIFICATION PROCEDURE 
The names of each procedure are in the header arrows.  In other figures UltraClean is 
abbreviated UC, PowerSoil is abbreviated PS, and WizardPlus is abbreviated WP. 
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2.3.2 RNA and DNA purification. Phenol-extracted nucleic acids were purified with 
an RNeasy MinElute kit for RNA (Qiagen, Valencia, CA), a WizardPlus SV MiniPrep for 
DNA (Promega, Madison, WI), or a gel extraction protocol for both RNA and DNA (Fig. 2-
1). DNA extracted with the UltraClean and PowerSoil extractions was further purified either 
with the final silica column step in the manufacturer’s protocol, or by polyacrylamide gel 
electrophoresis (Fig. 2-1). For the gel purification of both RNA and DNA, 5 µl crude extract 
was mixed with sterile loading dye (0.1% bromophenol blue, 5 M urea), and electrophoresed 
on a denaturing acrylamide gel at 10 mA long enough for the brown, co-extracted organic 
material move about 0.5 cm away from the well, just ahead of the loading dye (~20-30 
minutes). The gel consisted of 4.5 ml 3.3% acrylamide stock (8 M urea, 0.3 M sucrose, 3.95 
ml 19:1 acrylamide:bis-acrylamide solution, 3.95 ml 37.5:1 acrylamide:bis-acrylamide 
solution, 134 mM tris(hydroxymethyl)aminomethane hydrochloride, 44.5 mM boric acid, 
27.7 mM EDTA dihydrate) polymerized with 12 µl tetramethylethylenediamine (TEMED) 
and 22 µl ammonium persulfate (4.4 mM) (Alm and Stahl 2000). SYBR Gold staining of the 
acrylamide gel showed that genomic DNA and total RNA had migrated into the gel as a 
broad band just below the loading well. The gel area below the well was excised along with 
the well itself to retain all high molecular weight nucleic acids. Excised gel was crushed with 
a pipette against the walls of a 1.5 ml plastic tube containing an equal volume of 0.5 M 
ammonium acetate, 0.1 % sodium dodecyl sulfate, and 0.1 mM EDTA. The solution was 
rotated end-over-end overnight (~16 hrs) at 37°C. The supernatant was removed and 
retained; remaining gel pieces were vortexed and extracted with a second equal volume of 
buffer, and both extracts were combined. The gel-eluted nucleic acids were precipitated in an 
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equal volume of isopropanol, pelleted, and washed with 70% ethanol (adapted from 
(Sambrook and Russell 2001)). 
The RNeasy column was used following the manufacturer’s instructions and visibly 
passed much of the dark brown material as waste filtrate, although some of it remained 
absorbed to the column and required extra elution with 90 µl RNase-free water. The 
WizardPlus column, which was also used following the manufacturer’s instructions, passed 
all of the brown material as waste filtrate, leaving nothing visible on the column, and was 
subsequently eluted with 100 µl DNase-free water. The waste filtrates were retained in 
separate tubes. The UltraClean and PowerSoil kits removed most of the brown material well 
before the silica column purification step, leaving only a light tan eluent. The gel extraction 
procedure resulted in a clear solution or slightly tan eluent, as some of the brown matter was 
retained in the well.  
RNA purified with RNeasy was treated with DNAse I (Ambion) for 30 min at 37°C 
and filtered through another RNeasy column to remove enzymes and further inhibitors, and 
eluted with 15, 60, or 62 µl water as a translucent brown solution. RNA purified by gel 
extraction was treated twice for 30 min at 37°C with TurboDNase I (Ambion), using 
TurboDNase I inactivating reagent (Ambion) each time. 
A single sample, WOR-A 31cm, was extracted and purified in a slightly different 
manner, starting with a Phenol/RNeasy/Gel extraction, but including a single RNeasy 
treatment followed by two DNase treatments, as in the Phenol/Gel procedure. 
2.3.3 Quantification of total nucleic acids. Total RNA was measured using 
RiboGreen dye (Invitrogen) on the ND-3300 NanoDrop fluorescence spectrometer. Total 
DNA was measured using the QuantIt PicoGreen kit (Invitrogen) on a Stratagene Mx3005P 
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real-time PCR machine, using the quantitative plate read mode. In both measurements, the 
fluorescence excitation and emission wavelengths were 492 nm and 516 nm, respectively. 
The RiboGreen and PicoGreen dyes are more sensitive than UV measurements because they 
specifically bind to RNA or DNA, respectively, and are not as subject to background 
interference from humic substances (Jones et al. 1998; Invitrogen 2005). Seven-fold (0.1 ng 
to 5.0 ng) standard curves of lambda DNA (Invitrogen) or RNA 250 (Ambion) standards 
were made in triplicate. Commercial RNA standards were checked for integrity by gel 
electrophoresis; they have sometimes arrived from the supplier in seriously degraded 
condition (MacGregor, unpublished). Because RiboGreen is an intercalating dye, each break 
in the RNA backbone removes a dye-binding site. The standard curve resulting from 
degraded standards will lead to overestimates of sample RNA concentrations. 
 
2.3.4 qPCR and qRT-PCR.  qPCR or qRT-PCR were used to determine the copy 
numbers of archaeal 16S rRNA or 16S rRNA genes present in different DNA and RNA 
fractions, using the Stratagene Mx3005P. DNA standards were made from TOPO 2.1 
plasmids (Invitrogen) containing an insert of a near-complete, PCR-amplified archaeal 16S 
rRNA gene with no closely related cultured relatives from an environmental sample, and 
purified with the WizardPlus kit. RNA standards were in vitro transcribed from the same 
plasmid used for DNA, by cutting with Spe I (New England BioLabs), transcribing with T7 
polymerase (TaKaRa), and purifying with the RNeasy MinElute kit. DNA standards were 
quantified with PicoGreen and RNA standards were quantified with RiboGreen on a 
Stratagene Mx3005P in the quantitative plate read mode. Primer concentrations were chosen 
to minimize the Ct of the standard, while also minimizing primer-dimers and non-target 
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amplification, as assessed through post-amplification dsDNA melt curves. Primers A915f 
(DeLong 1992) and A1059r (Yu et al. 2005) were chosen because they had good coverage 
within the archaea and multiple mismatches to non-target groups, as shown by the probe 
match tool of the Arb software (www.arb-home.de (Ludwig et al. 2004)) with the Spring 
2007 Silva database (Pruesse et al. 2007). Each 25 µl reaction contained 1 µl DNA or RNA 
template at the appropriate dilution, 12.5 µl QuantiFast PCR or RT-PCR master mix 
(Qiagen), 0.2 µl A915r (10 µM) and 0.24 µl A1059r (10 µM), and 0.25 µl QuantiFast reverse 
transcriptase (mixture of Sensiscript and Omniscript) for qRT-PCR.   
The qRT-PCR protocol included the following steps: 50°C incubation for reverse 
transcription for 10 min, 95°C polymerase activation for 5 min, followed by 40 cycles of 
95°C denaturation for 10 sec and 60°C annealing for 45 sec, followed by a melt curve from 
95°C to 55°C. The qPCR protocol was identical, minus the initial 50°C step. Stratagene 
MxPro software was used to determine the Ct of each reaction and the efficiency of each 
standard curve (all were > 90%). Extraction blanks as well as RNA samples without reverse 
transcriptase treatment all had Ct’s more than 5 cycles higher than the samples, indicating 
negligible contributions of contamination from extraneous nucleic acids or from DNA. 
Primer-dimers were not formed during qPCR experiments, as shown by post-amplification 
melt curves for every run. 
 
2.4 Results 
2.4.1 Assessment of inhibition. The presence of inhibitors in purified nucleic acid 
extracts was tested by serially diluting the purified sample and measuring the copy numbers 
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through qPCR or qRT-PCR for every dilution step. This is essentially identical to previously 
published methods (Gallup and Ackermann 2006), where inhibitors are assumed to be diluted 
out when a log-linear relationship is achieved between Ct and dilution factor. The 
WizardPlus-, UltraClean-, PowerSoil- and gel-purified DNA, as well as the gel-purified 
RNA, showed an alleviation of inhibition at 100-fold dilution, indicating that residual 
inhibitors could be compensated for by moderate dilution (factor 100) and no further 
purification was needed (Fig. 2-2).  
 
FIGURE 0-2 SAMPLE DILUTION AND Q-PCR INHIBITION 
qRT-PCR copy numbers of 16S rRNA cDNA (product of measured copy number and 
dilution factor) at different dilutions of template from White Oak River cores A and E at the 
listed depths below sediment surface. An asymptote is reached at a 100-fold dilution beyond 
which values are less reproducible, but are on average the same as the 100-fold dilution.  
Dotted lines indicate samples prepared following the Phenol/RNeasy/Gel procedure; solid 
lines indicate samples prepared with the Phenol/Gel procedure.  
 
The product of measured copy number and dilution factor for WOR RNA purified 
only by RNeasy, however, continued to rise out to a 4000-fold dilution before the effect of 
inhibitors was neutralized (data not shown). At such a high dilution, the amount of template 
is decreased, potentially resulting in measurement error or primer dimers, and/or reaching the 
detection limit of the qPCR machine (Chandler 1998). For this reason, measurements of the 
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RNeasy group were made only on samples that also been further purified by the gel method. 
The WizardPlus, UltraClean, and PowerSoil kits all resulted in DNA pure enough for qPCR 
analysis (100-fold diluted) without further gel purification, as shown by dilution series qPCR 
similar to that of Fig. 2-2. In contrast to the dilution requirements of qPCR, endpoint PCR 
required only a 10-fold dilution to amplify enough material for a clone library (Lloyd and 
Teske 2006), demonstrating the different requirements of endpoint and real-time methods.  
 
2.4.2 Comparison of yields of purification methods. The total RNA resulting from 
the Phenol/RNeasy/Gel method was only 10-25% of the amount obtained by the Phenol/Gel 
method, even for WOR-A 31 cm, which underwent only a single RNeasy treatment 
compared to double RNeasy purification for the other samples (Fig. 2-3a). This difference 
was shown to be significant with a 99% confidence interval with a paired two-tailed t-test 
(Table 2-1). Archaeal 16S rRNA cDNA copies were 3- to10-fold lower in samples that 
included the RNeasy step, a difference that was significant to with a 97% confidence interval 
(Table 2-1), corroborating the total RNA results (Fig. 2-3b). The RNeasy kit has been shown 
to result in high yields of very pure RNA in plant and animal tissue as well as pure cultures 
of bacteria (Nuyts et al. 2001; Siju et al. 2007), but our data show significant yield losses for 
estuarine sediments.  
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FIGURE 0-3 COMPARISONS OF RNA YIELD USING DIFFERENT RNA PURIFICATION METHODS 
This column diagram shows RNA recovery from sediments samples from WOR cores 
A and E; depths below sediment surface are given for individual subsamples within each 
core.  A) RiboGreen quantification of ng RNA per g whole sediment. All error bars represent 
the standard deviation of triplicate sample measurements except WOR-E 28 cm phenol/gel, 
where the difference between duplicate measurements is shown. B) qRT-PCR of archaeal 
16S rRNA cDNA per g whole sediment.  Error bars for Phenol/Gel values represent the 
standard deviation of triplicate sample measurements; for Phenol/RNeasy/Gel results, the 
20 
 
difference between duplicate measurements is shown. The Phenol/RNeasy/Gel result for 
sample WOR-A 31 cm is a single measurement.  
 
The Phenol/WizardPlus method yielded only 1-2% of the total DNA obtained by the 
Phenol/Gel method (Fig. 2-4a). The UltraClean and PowerSoil methods gave much higher 
yields, as was expected since they are designed to purify genomic DNA from organic-rich 
sediments. However, these methods still only yielded 9-55% of the amount obtained by the 
Phenol/Gel method for WOR and 1229 sediments (Fig. 2-4a). Mirroring the PicoGreen 
results for extracted DNA, summarized in Fig. 2-3a, 15- to 50-fold fewer archaeal 16S rRNA 
gene copies were detected in Phenol/WizardPlus samples than in the Phenol/Gel samples 
(Fig. 2-4b, see WOR-A 43 and 49 cm samples). Archaeal 16S rRNA gene copy numbers 
determined with the UltraClean and PowerSoil methods were 2- to 12-fold lower than those 
measured in the Phenol/Gel group. An important exception to these trends was the GOM 
sample, whose Phenol/Gel-extracted DNA concentration was below the detection limit for 
fluorescence quantification using PicoGreen (Fig. 2-4a), and had very low qPCR results 
despite three extraction attempts (Fig. 2-4b). RiboGreen analysis of pre-gel-extracted DNA 
from this sample showed that the yield loss happened during extraction, not in the 
purification step (data not shown). When the Gulf of Mexico samples are removed, the 
Phenol/Gel extracted DNA copies are significantly higher than those of the silica-column 
containing MoBio kits (Table 2-1). The differences in total amounts of DNA, however, were 
not significant. This shows that the yield losses from the MoBio kits were much less than 
those seen in the RNA extractions from RNeasy columns. 
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TABLE 0-1. P-VALUES FOR PAIRED T-TEST COMPARING EXTRACTIONS WITH AND WITHOUT SILICA 
COLUMNS 
 
 
 
 
 
Waste filtrate that passed through the WizardPlus column was retained, gel-purified, 
and found to contain roughly as many archaeal rRNA gene copies as the Phenol/Gel 
extractions (Fig. 2-4b). Thus, the majority of the DNA extracted by the phenol method was 
not retained on the WizardPlus silica column, but would have been lost in the waste filtrate 
fraction. Likewise, the subsample portion of Ultraclean- or PowerSoil- extracted DNA that 
was gel purified instead of being passed through the Ultraclean or PowerSoil columns 
yielded similar total DNA and archaeal 16S rRNA genes to the amounts obtained by the 
Phenol/Gel method. Thus, much of the yield loss in the WizardPlus, Ultraclean and 
PowerSoil kits, relative to the Phenol/Gel method, occurred in the final column purification 
step. 
  Total RNA 
or DNA 
Confidence 
Interval 
Copies 16S 
rRNA 
cDNA or 
DNA per g 
sediment 
Confidence 
Interval 
RNA Phenol/gel vs. 
RNeasy 
0.0001 99% 0.0132 97% 
DNA Phenol/gel vs. 
MoBio 
0.2038 n.s.* 0.2052 n.s. 
DNA Phenol/gel vs. 
MoBio (no GoM) 
0.1271 n.s. 0.0376 95% 
*n.s. means not significant 1 
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FIGURE 0-4 COMPARISONS OF DIFFERENT DNA EXTRACTION/PURIFICATION METHODS. 
A) PicoGreen-measured ng DNA per g whole sediment. Error bars for WOR-A 
depths 43 and 49 cm represent the average standard deviation in the triplicate standard curve; 
for the PowerSoil/Gel measurements, the difference between two measurements is shown; all 
other error bars are the standard deviation of triplicate sample measurements. Only samples 
WOR-A (43 and 49 cm) underwent the Phenol/WizardPlus procedure; these measurements 
were below 3 ng/g sediment and are not plotted. For WOR-A 49 cm and 1229, measurements 
of the UltraClean/Gel and PowerSoil/Gel groups were below the PicoGreen detection limit.  
WOR-A 43 cm did not undergo the UltraClean/Gel procedure. B) qPCR-determined copies 
of archaeal 16S rRNA genes (rDNA) per gram whole sediment.  Error bars represent the 
standard deviation of triplicate sample measurements. For duplicate sample measurements, 
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such as UltraClean/Gel, PowerSoil/Gel, and WOR-A 43 cm Phenol/WizardPlus, the 
differences are shown; and Phenol/WizardPlus filtrate values are from a single measurement. 
 
2.5 Discussion 
When performing qPCR and qRT-PCR of environmental samples, the absence of 
inhibition must first be demonstrated by finding the asymptote of measurements of total 
DNA or cDNA copies in a dilution series. In each case examined, an inhibitor-free asymptote 
was reached, but purifications involving silica columns [RNeasy MinElute Clean-Up 
(Qiagen), WizardPlus SV Miniprep (Promega), UltraClean Soil DNA extraction (MoBio), 
and PowerSoil DNA extraction (MoBio)] resulted in significant RNA or DNA yield loss 
relative to acrylamide gel-purified samples. This yield loss was observed even though the 
amount of RNA and DNA present in these sediments was well below the binding capacity of 
the WizardPlus (20 µg), RNeasy (100 µg), and UltraClean and PowerSoil (20 µg) columns. 
Most likely, co-extracted charged organic compounds such as humic acids (indicated by the 
brown color of the nucleic acid extracts before purification) compete with nucleic acids for 
silica binding sites, causing much of the nucleic acids to pass through. Alternatively, 
inhibitors present in the extract may have bound to the nucleic acids, preventing their 
retention on the silica filter.  
Unlike the White Oak River estuary and the Peru Margin, sediments from the Gulf of 
Mexico yielded the most RNA and DNA with the UltraClean kit, and did not appear to have 
a large yield loss due to the final silica column step of that kit. The organic matter in these 
methane seep sediments is predominately microbially recycled fossil hydrocarbons (Lapham 
et al. 2008), whereas photosynthetically derived organic carbon dominates in the other two 
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samples, which may help account for the difference. These results emphasize that no single 
extraction method is optimal for all sediment types (Zhou et al. 1996; Alm and Stahl 2000).  
The sediment samples from the White Oak River estuary that are the focus of the 
current study are fairly high in total organic carbon (~4 - 6 %) (Kelley et al. 1990), including 
terrigenous inhibitors such as dark-colored humic acids. However, similar recovery and 
inhibition problems persist in the organic-rich continental margin sediments of the Peru 
Margin. Poor binding of nucleic acids to silica columns in the presence of humic acids has 
been observed in other studies of DNA extraction and purification techniques (Zhou et al. 
1996; Miller et al. 1999; Martin-Laurent et al. 2001; Luna et al. 2006); however, silica 
columns are frequently used to obtain qPCR-amplifiable DNA from samples similar to those 
used in the current study (Schippers et al. 2005).  
For the subsurface sediments from ODP drilling site 1229, hole D, on the Peru 
Margin, the archaeal 16S rRNA gene copy number we derived from the PowerSoil-extracted 
sample (subcore 1H-2, 2.25-2.30 mbsf; 4.36 x 107 copies/ g sediment) was remarkably 
similar to those obtained by Schippers and Neretin (2006) with the FastDNA spin kit (1.15 x 
107 copies/g sediment), using a bulk density conversion of 1.5 g/cm3 (D'Hondt et al. 2003)  
and averaging the 16S rRNA gene copy numbers from adjacent subcores 1H-1 and 1H-3 at 
0.15 mbsf and 3.70 mbsf ((D'Hondt et al. 2003) and A. Schippers personal communication). 
The FastDNA spin kit includes a similar silica column purification method as the PowerSoil 
kit. The small difference of factor 3.5 between these 16S rRNA gene copy numbers may be 
explained by primers with different bias against highly abundant subsurface archaeal groups 
(Teske and Sørensen 2008), or by differences in the SYBR Green qPCR technology versus 
the TaqMan method used in the former work (Schippers and Neretin 2006). The Phenol/Gel 
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procedure, however, increases DNA yield by an order of magnitude (2.23 x 108 copies/ g 
sediment). For this case, the choice of the purification method impacts gene quantification 
more than different qPCR technologies and primers.  
 
2.6 Conclusions. The WizardPlus, UltraClean, and PowerSoil silica columns alone removed 
enough PCR inhibitors to allow for PCR amplification, and their relative speed (a few 
minutes versus two days for the gel purification) makes them attractive options for non-
quantitative PCR analysis. However, the yield loss of over an order of magnitude in archaeal 
16S rRNA genes and cDNA shows that using these columns for quantification of 
environmental nucleic acids could result in systematic underestimates. Even for non-
quantitative methods, such as clone libraries, yield loss could result in rare microbial groups 
falling below the detection limit. Other non-silica purification methods, such as Sepharose or 
ion-exchange columns, gel troughing, electroelution from gel slices, or the MoBio PowerSoil 
RNA extraction kit (with the DNA elution buffer) may offer further alternatives to the gel 
extraction protocol presented here (Miller et al. 1999; Martin-Laurent et al. 2001; Lakay et 
al. 2006; Harnpicharnchai et al. 2007).  If quantitative recovery of nucleic acids is intended 
for samples rich in humic organic substances, the use of silica columns for extract 
purifications risks significantly decreased nucleic yields, and gel purification should be 
considered as a more effective alternative.
  
Chapter 3 Spatial Structure and Activity of Sedimentary 
Microbial Communities Underlying a Beggiatoa spp. Mat in 
a Gulf of Mexico Hydrocarbon Seep  
 
3.1 Abstract 
Subsurface fluids from deep-sea hydrocarbon seeps undergo methane- and sulfur-
cycling microbial transformations near the sediment surface. Hydrocarbon seep habitats are 
naturally patchy, with a mosaic of active seep sediments and non-seep sediments. Microbial 
community shifts and changing activity patterns on small spatial scales from seep to non-
seep sediment remain to be examined in a comprehensive habitat study.  
 We conducted a transect of biogeochemical measurements and gene 
expression related to methane- and sulfur-cycling at different sediment depths across a broad 
Beggiatoa spp. mat at Mississippi Canyon 118 (MC118) in the Gulf of Mexico. High process 
rates ~400 cm from the edge of the mat and at ~10 cm from the edge contrasted with sharply 
diminished activity at ~50 cm outside the mat, as shown by sulfate and methane 
concentration profiles, radiotracer rates of sulfate reduction and methane oxidation, and 
stable carbon isotopes. Likewise, 16S ribosomal rRNA, dsrAB (dissimilatory sulfite 
reductase) and mcrA (methyl coenzyme M reductase) mRNA transcripts of sulfate-reducing 
bacteria (Desulfobacteraceae and Desulfobulbaceae) and methane-cycling archaea (ANME-1 
and ANME-2) were prevalent at the sediment surface under the mat and at its edge. Outside 
the mat, 16S rRNA sequences indicated mostly aerobes commonly found in seawater. The 
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seep-related communities persisted at 12-20 cm depth inside and outside the mat. 16S rRNA 
transcripts and V6-tags reveal that bacterial and archaeal diversity underneath the mat are 
similar to each other, in contrast to oxic or microoxic habitats that favor bacterial diversity. 
The visual patchiness of microbial mats reflects sharp discontinuities in microbial 
community structure and activity over sub-meter spatial scales; these discontinuities have to 
taken into account in geochemical and microbiological inventories of seep environments. In 
all examined sediments, including those without mat cover, microbial communities 
performing methane-cycling and sulfate reduction persist at depth at lower metabolic rates, 
and may be activated rapidly when subsurface flow changes. 
 
3.2 Introduction 
In deep-sea hydrocarbon seeps, fluids that originate from thermal maturation of 
deeply buried fossil organic carbon seep into the upper sediment column, where they often 
solidify into methane-rich hydrates and may contribute to global climate forcing in episodic 
releases (Hill et al. 2006). Hydrocarbon seeps are not evenly distributed, but are found at 
localized hot spots dictated by the location of underlying conduits and fracture zones that 
vary through space and time (Roberts and Carney 1997; Lapham et al. 2008). Temporal shifts 
in hydrocarbon seeps result from relocation of subsurface conduits or from the temperature-
driven destabilization of subsurface gas hydrates. Deeply-sourced fluids and hydrates are 
transformed in surface sediments by highly active, benthic microbial ecosystems, which 
determine gas emissions and drive carbonate formation through methanogenesis, or sulfate 
reduction coupled to hydrocarbon oxidation (Orcutt et al. 2004; Sassen et al. 2004; Ussler 
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and Paull 2008). The products of these anaerobic microbial processes, such as sulfide, 
incompletely oxidized organic compounds or dissolved inorganic carbon (DIC), are suitable 
substrates for sulfide-oxidizing Beggiatoa spp. These large, filamentous bacteria can be 
white, yellow, or orange and form extensive microbial mats with diameters of up to several 
meters, which cover the seafloor at methane seeps and hydrate sites in complex, patchy 
patterns (MacDonald et al. 2003; Sassen et al. 2003; Zhang et al. 2005).  
Beggiatoa spp. mats are often used as visual locators of active hydrocarbon seeps and 
seep-related microbial communities (Joye et al. 2004; Mills et al. 2004; MacDonald et al. 
2005), but it is not clear how tightly coupled the presence of mat is to underlying seepage. 
Are the edges of a mat associated with diminished seepage rates that gradually transition to 
no seep influence in sediments some distance away from the mat? Or is the transition from 
seep-influenced to non-seep-influenced sediments and associated microbial communities 
abrupt, indicating a focused subsurface flow? We explored the relationship between 
geochemical activity measurements, and genetic analysis of the active microbial community 
with depth at different locations across a large (~10 meter diameter) Beggiatoa spp. mat at a 
hydrocarbon seep in the Gulf of Mexico (Mississippi Canyon 118) (Fig. 3-1). This habitat 
transect gives insights into the ecophysiology, activity, habitat preference, and diversity of 
these mostly uncultured microbial communities (Amend and Teske 2005). 
Establishing microbial activity with analysis of nucleic acids in the environment is 
difficult since DNA from inactive cells is stable in cold anoxic sediments (Willerslev and 
Cooper 2005). Therefore we used two forms of RNA obtained directly from bulk sediment to 
identify active microbial populations. In order to link sulfate reduction and methane 
oxidation/production as closely as possible to the corresponding gene expression pattern of 
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the microbial community, messenger RNA (mRNA) of the genes for dissimilatory sulfite 
reductase (dsrAB) and methyl coenzyme M reductase (mcrA), which are the key genes in 
sulfate reduction (Wagner et al. 2005) and methanogenesis (Friedrich 2005), were reverse-
transcribed and sequenced. Bacteria and archaea maintain cellular concentrations of rRNA in 
proportion with their growth rate (Nomura et al. 1984), and, given the inherent chemical 
instability of RNA relative to DNA, 16S rRNA is a more accurate indicator of the active 
population. mcrA transcription is closely linked to metabolism in both Methanococcus 
vanielii, where mcrA has a maximum half-life of 15 minutes (Hennigan and Reeve 1994), 
and Methanosarcina acetivorans, where mutants can nonetheless arise that are capable of 
constitutive expression (Rother et al. 2005). The expression of dsrAB genes is also tightly 
coupled to sulfate-reducing activity in sediments (Neretin et al. 2003) and in pure cultures of 
Desulfovibrio vulgaris (Nie et al. 2006), with no transcripts detected in the absence of sulfate 
and rapid transcriptional responses to changes in sulfate (Chin et al. 2008). Since the small 
sizes of cDNA clone libraries often miss much of the microbial diversity present in the 
environment (Sogin et al. 2006), we checked selected samples using V6 tag sequencing, 
where the V6 hypervariable regions of 16S rRNA genes undergo high throughput 454 
pyrosequencing to improve upon the sampling depth of clone libraries by at least two orders 
of magnitude (Sogin et al. 2006).  
Sequences of reverse-transcribed dsrAB and mcrA mRNA, as well as bacterial and 
archaeal 16S rRNA, were analyzed in conjunction with DNA-based V6 tag sequencing, 
porewater concentrations of methane and sulfate, radiotracer measurements of sulfate 
reduction and methane oxidation rates, and stable carbon isotopic values of methane to 
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describe the spatial structure and activity patterns of sediment microorganisms with respect 
to Beggiatoa spp. mat location and hydrocarbon seep geochemistry at MC118. 
 
 
 
 
 
 
 
 
 
 
 
FIGURE 0-1 LOCATIONS AND PHOTOS OF SAMPLING AREA 
A) Overview map of Mississippi Canyon block 118 (MC118) off the coast of 
Louisiana, with B) a closeup of the location of MC118. C) View of Beggiatoa spp. mat used 
for sampling. The mat covers the entire visible seafloor area of the photo; the white circle in 
the upper lefthand corner is the reflection of a light from the Johnson SeaLink submersible. 
D) Dark field microphotograph of individual Beggiatoa sp. filament (~35 µm filament 
diameter). 
 
3.3 Methods  
3.3.1 Site description and sampling. Mississippi Canyon Block 118 (MC118) in the 
Gulf of Mexico is characterized by seafloor-breaching methane hydrate deposits and 
thermogenic hydrocarbon-rich fluids pushed upwards through fractures in the sediments by 
salt domes (Sassen et al. 2006). It is located offshore of southern Louisiana in ~890 m of 
water at 5.5°C bottom water temperature (28°51.47, 88°29.52) (Fig. 3-1). In September 2006 
A 
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using the Johnson SeaLink submersible, four push-cores were taken across a wide (~10 m) 
white seafloor microbial mat: two near the center of the mat, one at the edge of the mat (~10 
cm from uncovered sediment, and ~50 cm outside the mat.  Gas bubbles were fizzing from 
cores taken from the mat and edge of the mat upon arrival at the ship, but the core from 
outside the mat was undisturbed. In a shipboard 4°C room, the cores were sub-sectioned into 
3 cm intervals, and microbiological samples were taken in sterile 30 ml cut-off syringes and 
frozen immediately in liquid nitrogen.  From each interval, subsamples were taken for 
porewater geochemistry and radiotracer rates.  Only the mat and margin mat cores, not the 
outside mat core, smelled sulfidic. 
3.3.2 Porewater Geochemical analysis.  For sulfate measurements, plastic 15 ml 
tubes filled completely with sediment were centrifuged and the resulting porewater was 
filtered at 0.2 µm, acidified with 10% HCl, and measured shipboard using a 2010i Dionex 
ion chromatograph (Sunnyvale, CA), as previously described (Martens et al. 1999). For 
methane measurements, 4 ml sediments were added to 60 ml serum vials containing 10% 
KOH, and were stoppered and crimp-sealed. A 5 mL headspace aliquot was analyzed on a 
Shimadzu Mini II gas chromatograph (Kyoto, Japan) equipped with flame ionization 
detector.  Carbon stable isotope ratios for dissolved methane were obtained using a pre-
concentrating system on-line with a continuous flow 5890 Hewlett-Packard gas 
chromatograph (Palo Alto, CA), capillary combustion, and isotope ratio mass spectrometry 
as described in Rice et al. (Rice et al. 2001). Results are reported using the standard “del” 
notation, δ13C (‰) = [R(sample)/R(PDB standard) – 1]*1000, where R is the ratio of the heavy to 
light isotope relative to the Pee Dee Belemnite standard (Hoefs 1987). The precision for 
replicate measurements of single samples was ±3 percent for sulfate, chloride, and methane 
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concentrations. Sulfate reduction rate and methane oxidation rate measurements were made 
as previously described (Hoehler et al. 1994). 
A 1-D, inverse, reaction-transport model was used to compare concentration profiles 
to radiotracer rate measurements based on the following equation (Berner 1980; Alperin et al. 
1988): 
  
  
 
where ϕ is porosity, DO is molecular diffusivity, CPW is the concentration of the solute 
in sediment porewater, x is the depth interval in the sediment, ω is the sedimentation rate, α 
is the bioirrigation coefficient, CPW is the concentration of the solute in the overlying water, 
and RPW is the reaction rate of the porewater constituent. 
3.3.3 RNA extraction, amplification, cloning and sequencing.  Total RNA was extracted following previously described methods (Stahl et al. 1988; MacGregor et al. 1997), from the following samples (Mat‐B 0‐3 cmbsf, Mat‐B 12‐15 cmbsf), Edge 0‐3 cmsf, Edge 12‐15 cmbsf, Edge 21‐24 cmbsf, Outside 0‐3 cmbsf, and Outside (12‐15 cmbsf). Briefly, ~4 ml sediment was mixed with 5 ml phenol (pH 5), 5 ml of extraction buffer (50 mM sodium acetate and 10 mM EDTA, pH 5), and 0.5 ml 20% SDS.  This mixture was bead beaten with 0.1 mm silica beads, then extracted with phenol, phenol‐chloroform (1:1), and chloroform, precipitated in 7.5 mM NH4CH3COOH and isopropanol, and washed with 80% ethanol.  The pellet was resuspended in water and 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incubated with 4 µl TurboDNase at 37°C for 30 minutes, followed by purification with the Qiagen RNeasy MinElute kit. Bacterial 16S rRNA cDNAs were amplified with B8f‐B1492r (Teske et al. 2002) with an annealing temperature of 60°C for Mat‐B (0‐3 cmbsf), Mat‐B (12‐15 cmbsf), and Edge (0‐3 cmbsf) and 58°C for the rest; dsrAB transcript cDNAs were amplified with DSR1f‐DSR4r (Wagner et al. 1998) at an annealing temperature of 54°C with a nested reamplification with 1f1r (Dhillon et al. 2003) at 48°C; and mcrA transcript cDNA were amplified with ME1‐ME2 (Hales et al. 1996) at an annealing temperature of 55°C.  For amplification of archaeal 16S rRNA genes, A8f and A1492r (Teske et al. 2002) were used at an annealing temperature of 59‐60°C. In the samples from outside the mat, initial amplification using these primers had to be followed by nested reamplification with primer combination A21f‐A915r (Amann et al. 1990; DeLong 1992) at an annealing temperature of  58°C in order to see a product on a 1.5 % agarose gel. Primer sequences and known mismatches are listed in Table 3‐1. All reverse transcription and PCR reactions took place in a single tube using the reverse primer as the reverse transcription primer. 
Each 25 µl RT-PCR reaction contained 1 µl RNA template, 0.15 µl each primer 
solution (100 pmol/µl), 1 µl bovine serum albumin (10 mg/ml; absent in bacteria reactions), 
as well as the following products from the Takara OneStep RT-PCR kit Version 3.0:  12.5 µl 
buffer, 0.5 µl RNase inhibitor, 0.5 µl HotStar Taq, and 0.5 µl reverse transcriptase. Each 25 
µl nested PCR reaction contained 1 µl cDNA template, 0.15 µl each primer solution (100 
pmol/µl), 1 µl bovine serum albumin (10 mg/ml), 4 µl deoxynucleotide triphosphate (10 mM 
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each dATP, dCTP, dGTP and dTTP), 2.5 µl 10 x FastBuffer I (Takara), and 0.125 µl 
SpeedStar Taq (Takara).  
Conditions for RT-PCR in a Bio-Rad iCycler (Hercules, CA) were as follows: reverse 
transcription at 50°C for 10 min, reverse transcriptase inactivation and HotStar Taq 
activation at 95°C for 2 min, followed by 25 cycles for bacterial 16S rRNA cDNA and 
archaeal 16S rRNA cDNA and 40 cycles for dsrAB mRNA cDNA and mcrA mRNA cDNA, 
each consisting of 20s denaturation at 98°C, 15 s at primer annealing temperature (see 
above), and 20s elongation at 72°C.  Nested PCR for dsrAB required the following protocol: 
50°C incubation for reverse transcription for 30 min, 95°C polymerase activation for 2 min, 
followed by 40 cycles of 94°C denaturation for 30s, 55°C annealing for 1 min, and 72°C 
extension for 1.5 min, plus a final cycle of 94°C for 30s, 55°C for 3 min and 72°C for 10 
min.  All PCR and RT-PCR products were purified using either a MoBio PCR Clean-up kit 
or purification in a 1 % agarose gel and MoBio UltraSpin.  Purified products were cloned 
using the TOPOTA PCR cloning Kit, and transformed into E. coli by electroporation 
following the manufacturer’s protocols (Invitrogen, San Diego, California).  Sequences were 
obtained at the Josephine Bay Paul Center at the Marine Biological Laboratory (Woods Hole, 
MA), using an ABI 3730 sequencer, or at Genewiz (South Plainfield, NJ) on an ABI Prism 
3730xl sequencer. Vectors sequences were removed from sequences and forward and reverse 
reads were assembled into contigs using Sequencher 4.7. Ribosomal sequences were aligned 
against the 2007 Silva release with ARB (www.arb‐home.de). 
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TABLE 0-1  PRIMERS USED FOR REVERSE TRANSCRIPTION PCR 
 
R = A/G, M = A/T, H = A/C/T, W = A/T, K = G/T, D = A/G/T, S = G/C, Y = C/T 
aMismatches to Genbank archived sequences. Some sequences have unknown mismatches since 3’ and 5’ ends of most 
environmental 16S sequences in Genmank remain unsequenced. 
bSpecific groups listed in (Teske and Sørensen 2008). 
cInformation from (Lever 2008) 
dDsr1f-Dsr4r amplified all phyla of cultured sulfate reducing bacteria. 
 
3.3.4 Methods Tag sequencing. DNA was extracted from 0.5 g of sediment using 
the MoBio Power Soil Kit (MoBio Inc, Carlsbad, CA). Using the methods of the 
International Census of Marine Microbes (ICoMM), the variable 6 (V6) region of the 16S 
rRNA gene was amplified and subjected to 454 pyrosequencing on a Roche GS20. All PCR 
methods, primers and analysis tools are detailed on the ICoMM website 
(www.vamps.mbl.edu). Quality control included removing sequences with ambiguous base 
calls, or ones that did not match the primers perfectly (Huse et al. 2007). Chao estimates are 
shown at 3% OTU clustering, therefore insertions and deletions of individual bases during 
amplification or pyrosequencing did not contribute to diversity estimates.  
3.3.5 Controls on RT­PCR.  Reverse transcriptase‐free control RT‐PCR reactions were made for each clone library to check for the co‐extraction of DNA.  No PCR products were visible on a 1.5 % agarose gel for any of the controls.  In order to check for PCR products not visible in the gel, nine No RT controls from six different RNA 
Primer Target 
cDNA 
Predicted 
target group 
Known mismatches
a
 Sequence (5’ to 3’) Annealing 
temp (°C) 
Ref 
A8f 16S Archaea unknown TCC GGT TGA TCC TGC C 58 [1] 
A915r 16S Archaea Uncultured archaea
b
 GTG CTC CCC CGC CAA TTC CT 58 [2] 
A1492r 16S Archaea unknown GGC TAC CTT GTT ACG ACT T 58 [1] 
B8f 16S Bacteria unknown AGR GTT TGA TCC TGG CTC AG 58 [1] 
B1492r 16S Bacteria unknown CGG CTA CCT TGT TAC GAC TT 58 [1] 
ME1 mcrA ANME/ME ANME-1
c
 GCM ATG CAR ATH GGW ATG TC 55 [3] 
ME2 mcrA ANME/ME ANME-1 TCA TKG CRT AGT TDG GRT AGT 55 [3] 
Dsr1f dsrA SRB None reported
d
 ACS CAY TGG AAG CAC G 54 [4,5] 
Dsr4r dsrB SRB None reported
d
 GTG TAG CAG TTA CCG CA 54 [4,5] 
1f1 dsrA SRB Many Desulfobulbaceae CAG GAY GAR CTK CAC CG 48 [6] 
1r1 dsrB SRB No major groups CCC TGG GTR TGR AYR AT 48 [6] 
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extractions were gel purified, cloned, and sequenced.  Less than 10% of plasmids contained any inserts, and of those that did, most were plasmid DNA or other bits of DNA not present in any of the RT‐PCR clone libraries.  Three clone libraries contained 4 clones total of Eel‐2 Bacterial 16S rRNA gene sequences identical to the most numerous clone in RT‐PCR clone libraries.  However, since 1) these PCR products were gel purified alongside concentrated RT‐PCR products used to guide the cutting of the invisible bands, and 2) two of the three No RT clone libraries were made with dsrAB primers, not bacterial 16S rRNA ones, it is likely that this small number of sequences were contamination from RT‐PCR products during gel‐cutting.  Extraction blanks were also carried through all stages of RNA extraction, purification, RT‐PCR, and nested PCR, where appropriate.  No extraction blanks were visible on gels for any clone library. 
3.3.6 Sequence analysis.  Operational taxonomic units were determined by aligning 500‐600bp of each forward read in ClustalX, and grouping into 99% similar OTUs using a distance matrix generated in PAUP4.b10 (Swofford 2000). Representatives of each OTU were reverse sequenced to get a full‐length read. Chimeras were identified using Pintail and also by Blasting 5’ and 3’ ends separately to check for agreement. Full‐length and short reads were then aligned using ARB (www.arb‐home.de), and phylogenetic groups were determined.  Only full‐length reads were included in the phylogenetic trees, which were made in PAUP.  Rarefaction curves were 
created using Analytic Rarefaction 1.3, a program by Steven M. Holland, October 2003, 
which is available for free at http://www.uga.edu/strata/software/index.html. Chao diversity 
estimates were calculated using the methods of DOTUR (Schloss and Handelsman 2005). All 
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samples except for archaea Edge 21-24 cmbsf and bacteria Edge 0-3 cmsf and Edge 12-15 
cmbsf deviated from the average clone library size by less than 20% of their total value 
(clone library sample sizes are listed in Figs. 3-3a and 3-4a). 
 
3.4 Results 
3.4.1 Geochemistry. Steep sulfate and methane gradients were observed directly 
under the mat as well as at its edge (Fig. 3-2a-c). Sulfate was depleted to a relatively constant 
background concentration at 5 cmbsf and methane increased immediately below the seafloor. 
The exponential decrease in radiotracer-measured sulfate reduction rates mirrored the sulfate 
concentrations. Although precautions were taken to minimize sulfide oxidation during 
sediment processing, the finite background concentration below 5 cm (0.7 ± 0.3 mM) may be 
a sampling artifact; hence, measured sulfate reduction rates below 5 cm may overestimate in 
situ rates. The measured sulfate reduction rates cannot account for the shallow sulfate 
depletion depth:  a 1-D, steady-state, reaction-transport model for sulfate suing measured 
rates predicts that sulfate penetrates to > 15 cm in the Edge core, and lower for other cores 
(Appendix A). This disparity could be due to upward advection of pore fluids at MC118, 
although we lack porewater chloride data to test this possibility. Similar sulfate reduction 
rates were measured at other seeps that have a similarly steep sulfate gradient (Boetius et al. 
2000). This difference could be due to higher upward advection of pore fluids at MC118, or 
lower sulfide reoxidation rates in the upper 5 cm. Methane oxidation rates were much lower 
than sulfate reduction rates and also decrease with depth and sulfate concentration (Fig. 3-2e-
g). Since methane concentrations were measured shipboard at 1 atm, any values above ~1.2 
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mM (methane saturation at sea level) most likely underestimate methane concentrations at in 
situ pressure. 
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FIGURE 0-2 GEOCHEMICAL MEASUREMENTS 
Porewater measurements of A-D) sulfate concentrations (filled squares) and duplicate 
sulfate reduction rates (open squares), E-G) methane concentrations (filled squares) and 
duplicate methane oxidation rates (open squares), H) methane ‰ concentrations outside the 
mat with a smaller scale than the two other cores, and I-K) δ13C values for methane, within 
the mat (A, B, E, F, I, and J), at its edge (C, G, and K), and outside the mat (D and H). 
Methane concentrations above ~ 1 mM are lower limit estimations, since methane outgases 
to this value at normal atmospheric pressure. Only Mat-B, Edge, and Outside cores were 
used for microbiological analysis. 
 
 Methane was 13C-depleted in all push cores (≤ -55 ‰) indicating a biological 
contribution to the methane pool. Outgassing is unlikely to alter the methane δ13C profiles 
since this process has a low isotopic fractionation (Paull et al. 2000). The upcore 13C-
depletion trends in the Mat-A and Edge cores also indicate methanogenesis (Fig. 3-2i-k) 
(Whiticar et al. 1986). The 13C-enrichment of methane in the sediments of Mat-B suggests 
methane oxidation, since methane-oxidizing microorganisms have a kinetic preference for 
the lighter isotope as it diffuses upwards through the sediments (Whiticar 1999). Interpreting 
the relative locations of net methane oxidation or methanogenesis in the Mat-A and Edge 
Mat-A Mat-B Edge Outside A B C D 
E F G H 
I J K 
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cores is not possible, since 13C-enrichment was observed only in a single point at the surface 
for each core, and could reflect aerobic methane oxidation.  
 Just outside the mat, however, the sulfate concentrations did not decrease with depth 
(Fig. 3-2d). Likewise, the sulfate reduction rates were very low in this core (note the different 
scales compared to Mat and Edge cores). The methane concentrations were much lower than 
those of the mat cores (note the different scales in the figure), but the concave up increase in 
methane with depth suggests oxidation of methane diffusing upwards from below (Fig. 3-2h).  
Outside the mat, methane concentrations were not high enough to accurately measure δ13C 
and methane oxidation rates were below the detection limit. 
 Sulfate and methane concentration fluxes across the first two depths were compared 
with total integrated rates of sulfate reduction and methane oxidation as a quality control 
check for measurements (Table 3-2). Most flux and rate measurements were in good 
agreement; only the 2nd measurement of methane oxidation rates in Mat-B appeared to be 
largely underestimated. 
TABLE 0-2 COMPARISON OF DEPTH-INTEGRATED SULFATE REDUCTION AND METHANE OXIDATION 
RATES (MILLIMOL M-2 D-1) TO CONCENTRATIONS FLUXES OF SULFATE AND METHANE (MILLIMOL M-2 D-1), 
RESPECTIVELYA 
 
a Flux calculations were made using Fick’s law, with modifications (Ullman and Aller 
1982): J = φ3Ds(dC/dx) 
Where J is the total flux, φ is the porosity (0.9); Ds (5.883 x 10-6 cm2/s for sulfate and 
9.511 x 10-6 cm2/s for methane) is the diffusion coefficient for the solutes at in situ depth 
(900 m), temperature (5.5°C), and salinity (35 ppt); dC/dx is the change in sulfate or methane 
concentration divided by the depth interval. 
 
 Mat-A Mat-A Mat-B Mat-B Edge Edge Outside Outside 
Measurement 1
st
 2
nd
 1
st
 2
nd
 1
st
 2
nd
 1
st
 2
nd
 
Sulfate Reduction        
Integrated rate 9.3 11.1 11.1 4.0 22.3 15.9 1.5 2.7 
Flux 17.9  12.0  16.0  0.7  
Methane Oxidation        
Integrated rate 3.2 4.2 1.1 1.3 2.9 2.1   
Flux 6.4  1.4  1.6    
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3.4.2 Bacterial 16S rRNA and dsrAB transcripts. Sub-mat bacterial 16S rRNA 
transcript composition did not change much with sediment depth or position in the mat, 
center or near the edge of the mat (Fig. 3-3a and 3-5). The majority of the 16S rRNA 
bacterial clones came from groups whose closest cultured relatives are SRB (Fig. 3-4). The 
clone libraries from sub-mat samples were dominated by phylotypes of the Eel-2 group, a 
sister group of the Desulfobulbaceae within the Deltaproteobacteria (Fig. 3-3a). The Eel-2 
group has also been found at methane-rich areas off the coast of California (Orphan et al. 
2001), in the Black Sea (Knittel et al. 2003), the Gulf of Mexico (Mills et al. 2004; Lloyd et 
al. 2006), and a deep sea CO2 lake (Inagaki et al. 2006). SEEP-SRB1 and other members of 
the Desulfobacteraceae also feature prominently, including the subgroup related to 
Desulfobacterium anilini which can degrade aromatic hydrocarbons. All cultured members 
of the Desulfobacteraceae oxidize organic carbon compounds completely to CO2. Members 
of the Desulfobulbaceae are also present; cultured members of this Family oxidize a wide 
range of carbon molecules incompletely. In particular, cultured members of the genus 
Desulfocapsa are able to disproportionate elemental sulfur. In the surface sediments outside 
the mat, bacterial 16S rRNA transcript composition changes abruptly to a diverse assemblage 
of phylotypes related to aerobic, microaerophilic or nitrate-reducing bacteria (Fig. 3-3a). 
Some of these aerobic groups that dominate the transcript libraries at the surface outside the 
mat, such as Alpha Proteobacteria, sulfur-oxidizing Gammaproteobacteria, Acidobacteria, 
and the Bacteriodetes phylum, are also present at the surface within the mat, but in much 
smaller proportions relative to the SRB. Likewise, SRB 16S rRNA transcripts are also 
present in surficial sediment outside the mat, but in much lower abundance relative to the 
aerobic groups. The bacterial community of the deeper sample outside the mat resembles the 
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sub-mat community, and is dominated by SEEP-SRB1 and other members of the 
Desulfobacteraceae. Many of the aerobic and microaerophilic groups also persist in the deep 
sample as well, but in lower clone abundance relative to SRB.  The only group common to 
all samples was the Chloroflexi, which are commonly found in deep and shallow subsurface 
libraries. Although the 0-3 cmbsf sediment samples were taken just below the bacterial mat, 
no sequences for Beggiatoa spp. were found, consistent with the frequently observed 
difficulty to amplify full-length Beggiatoa spp. 16S rRNA sequences from mixed 
environmental samples. 
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FIGURE 0-3 BACTERIAL COMMUNITY STRUCTURE AND STRATIFICATION 
Phylogenetic affiliations of (A) bacterial 16S rRNA transcripts, and (B) dsrAB 
mRNA transcripts at different depths across the mat transect. Shown are the percent of clones 
obtained from each group shown in the color coded bar graph legends. Shades of green and 
blue denote putative sulfate-reducing groups. Numbers in parentheses are the total number of 
clones analyzed. Not determined means that no amplification was tried. 
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FIGURE 0-4 NEIGHBOR-JOINING TREE OF CDNA OF FULL-LENGTH DELTAPROTEOBACTERIAL 16S RRNA 
SEQUENCES 
The nodes are labeled with parsimony-based boostrap values (1000 repetitions) that 
were over 60%. OTUs are based on 98% similarity. Sequences from dive 3570 are in colors 
corresponding to those of Fig. 3-3a groupings. Scale bar is 10% distance. 
 
V6 Tag sequences are not long enough to allow precise phylogenetic determinations, 
but their composition can be determined through through the GAST pipeline (Huber et al. 
2007). The tag taxonomy generally supports the rRNA clone libraries, even though they 
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result from analysis of a different nucleic acid pool. Deep samples within and outside the mat 
were similar to each other, comprised mostly of Deltaproteobacteria, with contributions from 
the Bacteroidetes, Chloroflexi, Gammaproteobacteria, and JS1 (J. Biddle, personal 
communication).  
Underneath the mat and at its edge dsrAB transcripts were recovered from all depths 
and the majority of them were related to the uncultivated Cluster B group (Leloup et al. 
2007) that is basal to the Desulfobacteraceae (Fig. 3-3b). Other dsrAB transcripts present are 
found only in the surface under the mat and include uncultured Group IV (Dhillon et al. 
2003) and Group V (Kaneko et al. 2007), and Desulfobacterium anilini. No dsrAB transcripts 
of the Desulfobulbaceae were detected, even though they were present in the 16S rRNA 
transcript libraries. Primer bias most likely explains this result; one of the internal dsrAB 
primers used in this study had between three and four mismatches to cultured members of the 
Desulfobulbaceae (Table 3-1).   
No dsrAB transcripts were detected from surface sediments outside the mat, despite 
nested amplification with multiple primer sets. Deeper sediments outside the mat yielded 
dsrAB sequences that were similar to those found under the mat, grouping with Cluster B 
(Fig. 3-3b).   
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FIGURE 0-5 NEIGHBOR-JOINING TREE OF AMINO ACID TRANSLATIONS OF DSRAB TRANSCRIPTS 
The nodes are labeled with parsimony-based boostrap values (1000 repetitions) that were 
over 60%. Sequences from dive 3570 are in colors corresponding to those of Fig. 3-3b 
groupings. Scale bar is 10% distance. 
 
3.4.3 Archaeal 16S rRNA and mcrA transcripts.  At all depths underneath the mat 
and at the mat’s edge, the majority of 16S rRNA sequences fall within the ANME-1b and 
ANME-2a and 2c groups, which are commonly thought to mediate sulfate-dependent 
anaerobic methane oxidation and are also found in methanogenic sediments (Boetius et al. 
2000; Orphan et al. 2001; Orcutt et al. 2005) (Fig. 3-6a and Fig. 3-7). The second most 
abundant sequence type, in all except the deep samples from the mat edge, are in the Deep 
Sea Hydrothermal Vent Euryarchaeota Group 8 (DHVE8) (Nercessian et al. 2003) within the 
DHVE II (Takai and Horikoshi 1999). These sediment layers also contain 16S rRNA 
sequences from the Thermoplasmatales, Marine Benthic Group D (also called Marine Group 
III), and Marine Benthic Group B (also called the Deep Sea Archaeal Group). These 
uncultured archaea are commonly found in shallow and deep marine sediments (Teske and 
Sørensen 2008). 
Just outside the mat, the composition of the active archaeal community shifts to 
nearly exclusively Marine Group I at the sediment surface, and ANME-2a at 12-15 cmbsf 
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(Fig. 3-6a). Marine Group I Crenarchaeota are the most abundant prokaryotic plankton in 
deep ocean water (Karner et al. 2001). Genomics and physiology of Marine Group I have 
been studied using the naturally enriched candidate species Cenarchaeum symbiosum, an 
ammonia-oxidizing sponge symbiont, and the pure culture strain Nitrosopumilus marinus, an 
aquarium isolate capable of aerobic ammonium oxidation to nitrate 
chemolithoautotrophically (Könneke et al. 2005). A distantly related thermophilic 
representative has been cultured from a Yellowstone hot spring (de la Torre et al. 2008).  
For the archaea, taxonomic associations for the tags generally supported the findings 
of the clone libraries. Deep samples within the mat and outside it were mostly composed of 
ANME-1 and ANME-2, with contributions from common benthic groups MBG-B/DSAG 
and MBG-D (data not shown). 
 Messenger RNA for mcrA was found in all samples except for the top 3cm outside 
the mat, where no amplification was observed, even when nested RT-PCR and multiple 
primer sets were employed (Fig. 3-6b and Fig. 3-8) (Springer et al. 1995; Hales et al. 1996). 
In the surficial sediment outside the mat, the lack of mcrA transcripts agrees with the absence 
of 16S rRNA transcripts from methane-cycling ANME archaea. Beneath the mat, transcripts 
of mcrA describe a similar population to that seen with 16S rRNA transcripts, containing 
multiple ANME-2 archaeal groups including group e, which has been found in similar 
methane seeps (Hallam et al. 2003; Inagaki et al. 2004; Lloyd et al. 2006). Although ANME-
1 sequences were present in the 16S rRNA libraries, they were absent from the mcrA 
libraries, most likely because the primers used for mcrA are biased against ANME-1 (Lever 
2008). 
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FIGURE 0-6 ARCHAEAL COMMUNITY STRUCTURE AND STRATIFICATION 
Phylogenetic affiliations of archaeal 16S rRNA (A) and mcrA mRNA transcripts (B) at 
different depths across the mat transect. Shades of red and orange denote putative methane-
oxidizing or methane-producing groups in (A). Numbers in parentheses are the total number 
of clones analyzed. Not determined means that no amplification was tried; mcrA detected 
means that mcrA was amplified but not sequenced. 
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FIGURE 0-7 NEIGHBOR-JOINING TREE OF CDNA OF FULL-LENGTH ARCHAEAL 16S RRNA SEQUENCES 
The nodes are labeled with parsimony-based boostrap values (1000 repetitions) that were 
over 60%. OTUs are based on 98% similarity. Sequences from dive 3570 are in colors 
corresponding to those of Fig. 3-6a groupings. Scale bar is 10% distance. 
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FIGURE 0-8 NEIGHBOR-JOINING TREE OF AMINO ACID TRANSLATIONS OF MCRA TRANSCRIPTS 
The nodes are labeled with parsimony-based boostrap values (1000 repetitions) that were 
over 60%. Sequences from dive 3570 are in colors corresponding to those of Fig. 3-6b 
groupings. Scale bar is 10% distance. 
 
3.4.4 Diversity analysis. Chao1 diversity estimates, based on 98% 16S rRNA 
similarity, ranged from 8 to 60 OTUs for archaea, and 9 to 232 OTUs for bacteria (Fig. 3-9). 
Chao1 diversity estimates based on V6-tag sequences, while higher, support the spatial trends 
predicted by the clone libraries. Sample sizes for clone libraries are in the range of 40 to 85 
(Figs. 3-3a and 3-6a), whereas sample sizes for tags were 15,000 to 18,000 sequences.  
In sediments under the mat, bacterial and archaeal Chao diversity estimates based on 
16S rRNA were in similar ranges to each other (9 - 63 for bacteria, 8 – 42 for archaea). 
Outside the mat bacterial community richness was higher than that of archaea; it peaked in 
surface sediments outside the mat and decreased with depth outside the mat. All samples 
from under the mat had lower bacterial diversity than those from outside the mat. Archaeal 
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community richness peaked at 12-15 cmbsf outside the mat. No consistent trends were seen 
for archaea relative to depth or presence of overlying mat. 
 
FIGURE 0-9 CORRELATION OF GEOCHEMICAL AND MICROBIAL STRATIFICATION 
Comparisons of geochemical fluxes and molecular microbiological data for surface 
sediments of three cores within a bacterial mat (Mat-B), at its edge (Edge), and less than a 
meter outside the mat (Outside). Plotted are percent of bacterial clones from putative sulfate 
reducing bacterial rRNA transcripts; percent of archaeal clones from putative methane 
oxidizers/methanogens ANME groups; presence or absence of dsrAB and mcrA mRNA 
clones (100%) or absence (0%), slightly offset from each other for visibility; the absolute 
value of the sulfate flux, since all were negative values; and methane flux multiplied by 10. 
Sulfate-related data is shown in red, and methane-related data is shown in blue. 
 
3.5 Discussion 
3.5.1 Correlation between microbial activity and seeping fluids. Good correlation 
was observed in surface sediments between the composition of the active microbial 
community and geochemical processes. The abrupt decrease in sulfate flux and radiotracer 
rates just outside the mat was accompanied by a drop in the percentage of putative sulfate 
reducing groups in bacterial 16S rRNA-based clone libraries, as well as undetectable dsrAB 
transcripts. Correlation was also observed for methane flux, percentage of putative methane 
cyclers (ANME groups) in archaeal 16S rRNA transcript libraries, and mcrA in mRNA 
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transcript clone libraries. Outside the mat, the bacterial community consists of phylotypes 
closely related to diverse aerobic, microaerophilic or nitrate-reducing bacteria, and the 
archaeal community is mostly composed of Marine Group I, whose cultured members are 
aerobic ammonia oxidizers and are commonly found in oxygenated seawater and sediments 
(Massana et al. 2000; Durbin 2009). Also, transcripts of dsrAB and mcrA were below 
detection limits with the primers used, which correlates well with the low sulfate flux and 
sulfate reduction rates. These trends show tight spatial coupling between subsurface 
processes, the active microbial community, and the presence of bacterial mat on the seafloor. 
Deeper in the sediments underneath the mat, an active microbial community with  
bacterial and archaeal 16S rRNA, and dsrAB and mcrA transcript composition similar to the 
surficial sediment community persists, but is not accompanied by high rates of sulfate 
reduction and methane oxidation (Figs. 3-2, 3-3, and 3-4). Outside the mat at 12-15 cmbsf, a 
pronounced mismatch between geochemistry and microbiology occurs where sulfate 
reduction rates remained quite low, but the percentage of putative sulfate reducing bacteria in 
16S rRNA transcript libraries increased, and dsrAB transcripts rose above detection limits. 
The community composition within the sulfate reducers and ANMEs does not change with 
depth in each core (Cut: suggesting that a subgroup of low substrate specialists does not 
outcompete the others). Consistent retrieval of dsrAB genes in the deep sediments of all three 
cores is surprising since the sulfate reduction rates are so low that they do not cause a 
detectable decrease in sulfate concentrations with depth. Transcripts of dsrAB retrieved from 
deep samples would have had to persist in inactive cells for at least 161 years at 5 cm depth 
below the point where a sulfate flux is no longer measureable, assuming the maximum 
sedimentation rate for MC118 (31 cm/kyr (Lutken et al. 2006)). Since such persistence of 
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mRNA is extremely unlikely, we conclude that living sulfate-reducing populations are active 
at these depths. Sulfate could be recycled by reoxidation of sulfide coupled to iron reduction, 
described as “cryptic sulfate formation” in a study of Black Sea sediments (Leloup et al. 
2007); however, this process would require the presence of a large bioavailable amount of a 
suitable  electron acceptor such as iron to drive the sulfide reoxidation. Another option is 
that, contrary to previous studies, these sulfate reducers constituitively express dsrAB, even 
though they use a different metabolic pathway, such as fermentation.  
3.5.2 Trends in bacterial and archaeal diversity. Among the many possible 
controls that affect bacterial and archaeal diversity, we consider the roles of electron acceptor 
and carbon substrate availability in determining relative bacterial and archaeal diversity. 
Bacterial diversity was highest at 1.5 cmbsf outside the mat, suggesting the combined effects 
of pelagically-derived organic matter and energetically advantageous electron acceptors such 
as oxygen and nitrate. By comparison, all bacterial samples under the Beggiatoa spp. mat 
show decreased diversity, possibly a consequence of strongly reducing conditions in sulfate-
reducing and methane-cycling sediments. The archaeal diversity trends do not show this 
strong contrast between sediments underneath the mat and outside the mat. Archaeal 
diversity peaked at 13.5 cmbsf outside the mat, suggesting an additive effect of overlapping 
surface and seep archaeal communities; 16S rRNA clone libraries show that pelagic Marine 
Group I archaea and anaerobic ANME archaea were both present. Under the mat the active 
archaeal communities had similar diversity to bacterial communities (9 to 63 for bacteria vs. 
8 to 42 for archaea), in contrast to the oxic sediments outside the mat that strongly favor 
bacterial diversity. In fact, three out of the five clone libraries under the mat and at its edge 
had higher archaeal than bacterial diversity. These observation are consistent with the 
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working hypothesis that archaea are low-energy specialists, and are widely adapted to highly 
reduced environments (Valentine 2007). Other environmental studies substantiate this trend: 
Bacterial to archaeal diversity ratios are 2:1 in microoxic mats (Mills et al. 2004), and 13:1 in 
seawater-mixed vent fluids (Huber et al. 2007).   
3.5.3 RNA transcripts as indicators of the active microbial community. Our 
molecular analysis of bacterial and archaeal community structure and stratification has 
focused on the level of gene expression via RNA, not gene presence via DNA. 
Environmental microbial communities are most often studied by extracting, amplifying, and 
sequencing bulk DNA (Rappé and Giovannoni 2003). However, DNA-based clone libraries 
may not necessarily represent living microbes since extracellular DNA is preserved in cold 
anoxic environments (Willerslev and Cooper 2005), and eludes hydrolysis through adherence 
to mineral surfaces (Blum et al. 1997) from which it can nevertheless be amplified with PCR 
(Peng et al. 2007). RNA, however, is an inherently less stable molecule than DNA, since it is 
mostly single-stranded and is susceptible to peptide backbone hydrolysis due to its extra 2’ 
hydroxyl group which stabilizes the transition state. For this reason, it has been used as an 
indicator of the potentially active microbial population (MacGregor et al. 1997; Mills et al. 
2005; Biddle et al. 2006; Lloyd et al. 2006). The short intracellular lifetime of messenger 
RNA (mRNA), and its direct link to metabolic processes makes it an even more promising 
indicator of microbial activity in environmental samples (Chin et al. 2008).  
Indeed, we found that mRNA was more sensitive to environmental conditions than 
was rRNA. In surface sediments outside the mat a few 16S rRNA transcripts from SRB were 
present, but these were not accompanied by dsrAB mRNA, as detectable by our primers. 
Unless these particular SRB have special adaptations for post-translational control of DSR 
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protein, it is likely that they were not actively reducing sulfate. Given that the intracellular 
lifetime of dsrAB and mcrA mRNA molecules is on the scale of minutes in laboratory 
cultures (Hennigan and Reeve 1994; Neretin et al. 2003), and extracellular degradation is 
highly favorable, these molecules are likely indicators of active communities. Extraction of 
RNA directly from marine sediments is difficult given the often low activity (and therefore 
low mRNA copy number) of microbes in anoxic environments and the susceptibility of RNA 
to RNases during the extraction process (Felske et al. 1996). Therefore, microbes that are in 
low abundance or those with low cellular RNA content were likely missed by our analysis. 
To control for any exclusion of low-abundance or low-activity groups, two deep samples 
were subjected to V6 tagged sequencing. Many of the same groups were present in both RT-
PCR clone libraries and tag libraries, confirming the phylogenetic composition of RNA 
libraries, and suggesting DNA is also useful for studying the active community. However, 
RNA-based studies allow access to the likely active members of the population and removes 
much of the uncertainty about the extent to which culture-independent methods describe 
functional populations. 
3.5.4 Caveats. Apparent changes in diversity might be impacted by detection issues. 
For example, rare groups that are still detected in sediments with high biomass fall below 
detection level in sediments that have a lower biomass. However, some of our archaeal 
results show the opposite trend, arguing that archaeal diversity trends are not an artifact of 
total sample size bias. The amount of archaeal 16S rRNA, estimated by dilution PCR 
(Sørensen and Teske 2006) was highest in the surface outside the mat, a sample with low 
archaeal diversity.  
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Even if we assume equal detection sensitivity for different bacterial and archaeal 
groups, clone library representation can be read only as a relative, not as an absolute measure 
of their abundance. For example, what appears to be an increased contribution of sulfate 
reducing bacteria and ANME archaea at 12-15 cmbsf compared to the surface layer outside 
the mat, may instead reflect decreased contributions of surface-layer bacteria and archaea at 
depth, leaving SRB and ANMEs to comprise a larger percentage of the 12-15 cmbsf 
community. Finally, the 16S rRNA primers for bacteria and archaea are in principle subject 
to primer bias and mismatch problems (Teske and Sørensen 2008); however, 16S rRNA the 
primers used in this study were checked against phylum-level alignments of complete 16S 
rRNA genes, and they each detected a large number of lineages, including novel phylum-
level bacterial lineages (Teske et al. 2002).  
 
3.6 Conclusions  
 High radiotracer rates of sulfate reduction, and anaerobic methane oxidation, as well 
as steep methane and sulfate gradients in the center and edge of the Beggiatoa spp. mat 
suggest that the boundaries of rising methane-and hydrocarbon-rich fluids are delineated by 
overlying mat cover. Rates at the center and edge of the mat are nearly identical, and then 
drop sharply less than a meter outside the mat. These clear geochemical boundaries are 
reflected in the compositions of the active surface microbial community, with consistent 
community compositions of active sulfate reducers and methane cycling microorganisms in 
the center and edge of the mat, but a large drop in their RNA expression levels immediately 
outside the mat. 
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The deeper microbial communities outside the mat, however, look more similar to 
those under the mat. Therefore visually undistinguished sediments without conspicuous mat 
cover (and no porewater evidence for hydrocarbon seepage) can still harbor anaerobic 
methane- and sulfur-cycling communities that express genes for metabolic activities, but 
remain below detection limit in the geochemical measurements. High levels of sulfate 
reduction and methane oxidation in these sediments could resume quickly at the onset or 
reintroduction of active seeping, resulting in sulfide production and the rapid development of 
Beggiatoa spp. mats. As a result, microbial mat formation and the establishment of a sulfur-
and methane-cycling, mat-associated microbial community in surficial sediments would be 
rapid and accessible to continuous in-situ observation over days and weeks (MacDonald et al. 
2005). 
These results validate that the often-observed patchiness and small-scale spatial 
architecture of microbial mats and methane seeps correspond to a profound reorganization of 
microbial community composition, activity patterns and geochemical imprint on spatial 
scales of tens of centimeters. Systematic recording and documentation of visible seafloor 
heterogeneity and microbial mats over small spatial scales is therefore an essential 
component of microbial habitat studies and of foremost importance for sampling designs that 
capture the fundamental characteristic of microbial habitat patchiness. 
  
Chapter 4 Metabolic flexibility in ANME-1 methane cycling 
archaea in estuarine sediments 
 
4.1 Abstract 
In coastal sediments, anaerobic oxidation of methane (AOM) occurs where biogenic 
methane diffusing upwards encounters sulfate diffusing downwards from the overlying 
seawater. The organisms thought to mediate this extremely low energy process, ANME-1 
archaea, are often observed below the zone of sulfate depletion and have been hypothesized 
to be capable of reversing between AOM and methane production (MP) depending on the 
geochemical regime. In White Oak estuary sediments, reverse-transcribed cDNA clone 
libraries of general archaeal 16S rRNA and methyl coenzyme M reductase subunit A (mcrA) 
mRNA showed that ANME-1 are not only present, but most likely active both in the lower 
parts of the sulfate reduction zone, and as much as 40 cm below the point at which a sulfate 
flux can be detected, in the methanogenic zone.  Quantitative PCR and quantitative reverse-
transcription PCR results imply that ANME-1 DNA and RNA peak concurrently with the 
peak in radiotracer-measured AOM rates, and remain fairly stable deep in the sediments, 
without a large drop in RNA content.  mRNA from sulfate reducing dissimilatory sulfite 
reductase (dsrAB) was only infrequently detected in methanogenic sediments, and was 
related to that of sulfate reducing bacteria that have not been implicated in AOM consortia.  
CARD-FISH analysis showed that ANME-1 were in low abundance, and were not in close 
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physical association with a sulfate reducing partner. In the sulfate-reducing zone, AOM is 
energetically advantageous, but becomes non-feasible below the SMTZ, when 
methanogenesis becomes advantageous and ANME-1 most likely switch to methane 
production.  Although this study does not completely rule out the possibility that ANME-1 
organisms are performing net AOM in aggregates with sulfate reducing bacteria in a cryptic 
sulfur cycle, a simpler explanation is that they are free-living and can reverse to 
methanogenesis when conditions allow. 
 
4.2 Introduction 
Coastal marine sediments produce large amounts of the greenhouse gas methane, but 
very little of it is released into the atmosphere because methane is oxidized anaerobically 
through a sulfate-dependent process called anaerobic oxidation of methane (AOM) (Martens 
and Berner 1977). In the diffusionally-driven coastal and estuarine sediments (i.e., those not 
subject to bubble ebullition or density driven advection), the majority of methane is produced 
below the zone of sulfate depletion (Kelley et al. 1990). This is because sulfate reducing 
bacteria (SRB) out-compete methanogens when sulfate is present for common resources such 
as hydrogen and acetate (Hoehler et al. 1998; Finke et al. 2007). When sulfate is no longer 
available for sulfate reduction, the concentration of common substrates increases to the point 
that methane production (MP) is favorable. The upward migration of this biologically 
produced methane into the sulfate-containing zone allows net AOM to occur in the sulfate 
methane transition zone (SMTZ).   
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The microbes responsible for net AOM have not yet been isolated in pure culture. 
Although all known orders of methanogenic archaea are capable of oxidizing small amounts 
of methane to CO2, acetate, or formate, none have been shown to perform net AOM (Zehnder 
and Brock 1979; Moran et al. 2005). The best candidates for the organisms driving AOM are 
archaea first discovered in marine seeps with very high methane concentrations (Hinrichs et 
al. 1999).  These archaea have been found to physically associate with SRB; this may be 
necessary to rapidly remove electrons produced by AOM (Boetius et al. 2000; Hinrichs and 
Boetius 2002; Blumenberg et al. 2004). They have highly 13C-depleted biomass possibly 
reflecting uptake of 13C-depleted methane (Orphan et al. 2001; Teske et al. 2002; 
Blumenberg et al. 2004); they are commonly found at the SMTZ of diffusive sediments 
(Treude et al. 2003); and enrichments of these organisms from high biomass sediments and 
microbial mats exhibit net methane oxidation when sulfate is present (Nauhaus et al. 2002; 
Girguis et al. 2003; Seifert et al. 2006; Orcutt et al. 2008). For these reasons, these uncultured 
archaea are named ANME, ANaerobic MEthane oxidizers, with phylogenetic subgroups 1, 2, 
and 3 (Hinrichs et al. 1999; Boetius et al. 2000).   
Although ANMEs, as their nickname indicates, are commonly associated only with 
AOM, they have many properties of methanogenic archaea. Their 16S rRNA sequences show 
them to be closely related to cultured methanogens, although ANME-1 would represent a 
new order of methanogens (Hinrichs et al. 1999). Environmental metagenomic studies have 
shown that ANMEs have analogs of all the enzymes essential for methanogenesis (Hallam et 
al. 2004; Meyerdierks et al. 2005). Their DNA is also often found below the SMTZ in 
methane-producing sediments (Munson et al. 1997; Kendall et al. 2007; Parkes et al. 2007).  
These analyses are, however, based on DNA, which is well-preserved in cold anoxic 
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sediments, and may represent only relict populations. Therefore, the question of whether 
ANMEs can reverse their metabolism to produce methane remains open. 
If ANME archaea are unable to switch from AOM to methanogenesis, the 
concentration of their nucleic acids should decrease in methanogenic sediments, and their 
mRNA should be below detection limits. We examined whether the activity and abundance 
of ANME populations suggests an obligatory dependence on AOM in White Oak River 
estuary sediments. In order to access only recently active populations, we reverse-transcribed 
and sequenced 16S ribosomal RNA (rRNA) and messenger RNA (mRNA) from sediments.  
Environmental ribosomal RNA is an indicator of active cells, since RNA degrades rapidly in 
inactive cells or extracellularly (Felske et al. 1996; Holmes et al. 2007). mRNA transcripts 
for methyl coenzyme M reductase, a key enzyme in both AOM and methane production 
(mcrA) (Thauer 1998; Krüger et al. 2003)(Thauer 1998; Krüger et al. 2003)(Thauer 1998; 
Krüger et al. 2003)(Thauer 1998; Krüger et al. 2003)(Thauer 1998; Krüger et al. 
2003)(Thauer 1998; Krüger et al. 2003)(Thauer 1998; Krüger et al. 2003)(Thauer 1998; 
Krüger et al. 2003)(Thauer 1998; Krüger et al. 2003)(Thauer 1998; Krüger et al. 
2003)(Thauer 1998; Krüger et al. 2003)(Thauer 1998; Krüger et al. 2003)(Thauer 1998; 
Krüger et al. 2003)(Thauer 1998; Krüger, Meyerdierks et al. 2003)(Thauer 1998; Krüger, 
Meyerdierks et al. 2003)(Felske, Engelen et al. 1996; Krüger, Meyerdierks et al. 
2003)(Thauer 1998; Krüger et al. 2003)(Thauer 1998; Krüger et al. 2003)(Thauer 1998; 
Krüger et al. 2003)(Thauer 1998; Krüger et al. 2003)(Thauer 1998; Krüger et al. 
2003)(Thauer 1998; Krüger et al. 2003)(Thauer 1998; Krüger et al. 2003)(Thauer 1998; 
Krüger et al. 2003)(Thauer 1998; Krüger et al. 2003)(Thauer 1998; Krüger et al. 
2003)(Thauer 1998; Krüger et al. 2003), and dissimilatory sulfite reductase (dsrAB), a key 
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enzyme in sulfate reduction (Odom and Peck 1984), generally follow 16S rRNA gene 
phylogeny with a few noted exceptions in the case of dsrAB (Klein et al. 2001; Lueders et al. 
2001; Zverlov et al. 2005).  These mRNA are rapidly degraded when their metabolic 
products are not needed, as has been shown in pure cultures for both mcrA (Hennigan and 
Reeve 1994; Rother et al. 2005) and dsrAB and in natural sediments for dsrAB (Neretin et al. 
2003; Chin et al. 2008), so they were used as close links to the activity and identity of 
microbes performing AOM or MP and sulfate reduction in sediments. We assessed 
population sizes of ANME-1 cells and degree of activity by quantifying 16S rRNA genes and 
16S rRNA transcripts with depth in sediments.  By comparing ANME-1 populations with 
geochemical measurements, we examined the hypothesis that ANME-1 maintain stable 
methanogenic populations within the methanogenic zone of the White Oak River estuary. 
 
4.3 Methods 
4.3.1 Sample collection.  Seven ~1 m plunger-cores were collected from ~1.5 m 
water depth at Station H in the White Oak River estuary, North Carolina (34°44.490N, 
77°07.44W) in 1989, July 2005 (July-A and July-B), November 2006 (Nov-C), December 
2006 (Dec-E), or July 2008 (July-F and July-G) (Fig. 4-1). The 1989 data were not 
previously published, and included only methane and AOM rate data. Cores were sectioned 
into 3 cm intervals at in situ temperature (in a controlled temperature room) and subsampled 
for geochemical and molecular biological measurements. Samples for molecular biology 
work were frozen on dry ice or liquid nitrogen and stored at -80°C.  Small aliquots of 
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sediment were also fixed with 3% formaldehyde for 4-5 hours at 2°C, washed twice with 
phosphate buffered saline (PBS), and stored at -20°C in a 1:1 PBS:ethanol mixture. 
 
 
FIGURE 0-1 LOCATION OF THE WHITE OAK RIVER ESTUARY AND STATION H 
Map of the White Oak River estuary, near Stella, North Carolina, showing the 
location of station H as the river opens up into brackish estuarine sediments. Map reproduced 
from (Martens and Goldhaber 1978). 
 
4.3.2 Extraction of nucleic acids. To minimize exposure to RNAses, all glassware 
was baked overnight at 160°C, all plasticware was autoclaved for 2 hours, and all aqueous 
solutions were treated with 0.1% diethyl pyrocarbonate.  For cores A-E, total RNA was 
extracted following previously described methods with 30 s bead-beating in pH 5 phenol, 
followed by successive extractions with phenol, phenol/chloroform, and chloroform using 
0.5 to 9 g of sediment (Biddle et al. 2006). For Dec-E, total DNA was extracted from 0.7 to 
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10 g sediment with an identical method, except the extraction buffer and phenol were pH 8 
instead of pH 5.  RNA destined for clone libraries was purified with RNeasy MinElute 
(Qiagen), DNAsed (Ambion) for 30 minutes, and repurified on an RNeasy column to remove 
DNAse enzymes.  RNA and DNA destined for qPCR determinations were extracted only 
from 4 g sediment and were purified via polyacrylamide gel purification followed by two 30 
minute rounds of TurboDNase (Ambion) with enzyme removal via deactivation reagent 
(Ambion). For July-G, total RNA and DNA were extracted from 2 g sediment using the 
MoBio RNA PowerSoil kit, with the accessory DNA elution buffer.  Further purification was 
not necessary, and RNA samples were incubated at 37°C for 30 minutes with TurboDNase 
(Ambion) and deactivated with the Ambion reagent. 
4.3.3 Construction of clone libraries. Total RNA from sediments above at and 
below the SMTZ from July-A, July-B, Dec-E and July-G were used for reverse transcription 
and PCR with primers targeting archaeal 16S small subunit rRNA or mRNA of dsrAB or 
mcrA (Table 4-1). Amplifying mRNA required a nested re-amplification, except for the 
primers ANME1mcrf/r, which required only a single amplification.  
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TABLE 0-1 PRIMERS USED FOR REVERSE TRANSCRIPTION AND AMPLIFICATION FOR CDNA CLONE 
LIBRARIES 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
Primer Target 
gene 
Predicted target 
group 
Sequence (5’ to 3’)
a
 Anneal-
ing temp 
(°C) 
Samples with 
attempted 
amplifications 
Ref 
A8f 16S Archaea TCCGGTTGATCCTGCC 50 or 58 B3-6cm, B54-57cm, 
A87-90cm, B87-90cm, 
E24-27cm, E69-72cm, 
G48-51cm 
(Tesk
e et al. 
2002) 
A21f 16S Archaea TTCCGGTTGATCCYGCCGGA 50 B54-57cm, A60-63cm, 
B87-90cm 
(Tesk
e et al. 
2002) 
A915r 16S Archaea GTGCTCCCCCGCCAATTCCT 50 or 58 B54-57cm, A60-63cm, 
B87-90cm, E24-27cm, 
E69-72cm, G48-51cm 
(DeLo
ng 
1992) 
EelMS-
932r 
16S ANME-2 AGCTCCACCCGTTGTAGT  B3-6cm, A87-90cm, 
B87-90cm 
(Boeti
us et 
al. 
2000) 
Dsr1f dsrA Sulfate reducers ACSCAYTGGAAGCACG 54 A60-63, A84-87, B51-
54, A84-87, E24-27, 
E69-72, G48-51 
(Wag
ner et 
al. 
1998) 
Dsr4r dsrB Sulfate reducers GTGTAGCAGTTACCGCA 54 A60-63, A84-87, B51-
54, A84-87, E24-27, 
E69-72, G48-51 
(Wag
ner et 
al. 
1998) 
1f1 dsrA Sulfate reducers CAGGAYGARCTKCACCG 48 A60-63, A84-87, B51-
54, A84-87, E24-27, 
E69-72, G48-51 
(Dhill
on et 
al. 
2003) 
1r1 dsrB Sulfate reducers CCCTGGGTRTGRAYRAT 48 A60-63, A84-87, B51-
54, A84-87, E24-27, 
E69-72, G48-51 
(Dhill
on et 
al. 
2003) 
MCRf mcrA Methanogens/me-
thane oxidizers 
TAYGAYCARATHTGGYT 50 A60-63, A87-90, B54-
57, B87-90, E24-27, 
E69-72, G48-51 
(Sprin
ger et 
al. 
1995) 
MCRr mcrA Methanogens/me-
thane oxidizers 
ACRTTCATNGCRTARTT 50 A60-63, A87-90, B54-
57, B87-90, E24-27, 
E69-72, G48-51 
(Sprin
ger et 
al. 
1995) 
ME1 mcrA Methanogens/me-
thane oxidizers 
GCMATGCARATHGGWATGTC 55 A60-63, A87-90, B54-
57, B87-90, E24-27, 
E69-72, G48-51 
(Hales 
et al. 
1996) 
ME2 mcrA Methanogens/me-
thane oxidizers 
TCATKGCRTAGTTDGGRTAGT 55 A60-63, A87-90, B54-
57, B87-90, E24-27, 
E69-72, G48-51 
(Hales 
et al. 
1996) 
ANME1-
mcr1 
mcrA ANME-1 GACCAGTTGTGGTTCGGAAC 58 G3-6, G3-6, G9-12, 
G18-21, G21-24, G27-
30, G39-42, G42-43 
(Lever 
2008) 
ANME1-
mcr2 
mcrA ANME-1 ATCTCGAATGGCATTCCCTC 58 G3-6, G3-6, G9-12, 
G18-21, G21-24, G27-
30, G39-42, G42-43 
(Lever 
2008) 
a
Y, C/T; R, A/G; M, A/C; W, A/T; K, G/T; H, A/C/T; D, A/G/T. 
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Each 25 ml RT-PCR reaction contained 1 ml RNA template, 0.15 ml each primer 
solution (100 mM), 1 ml bovine serum albumin (10 mg/ml), as well as the following 
products from the Takara OneStep RT-PCR kit Version 3.0:  12.5 µl buffer, 0.5 µl RNase 
inhibitor, 0.5 µl HotStar Taq, and 0.5 µl reverse transcriptase. Each 25 ml nested PCR 
reaction contained 1 ml cDNA template, 0.15 ml each primer solution (100 pmol/ml), 1 ml 
bovine serum albumin (10 mg/ml), 4 µl deoxynucleotide triphosphate (10 mM each dATP, 
dCTP, dGTP and dTTP), 2.5 µl 10 x FastBuffer I (Takara), and 0.125 µl SpeedStar Taq 
(Takara).   
Conditions for RT-PCR in a Bio-Rad iCycler (Hercules, CA) were as follows: reverse 
transcription at 50°C for 10 min, reverse transcriptase inactivation and HotStar Taq 
activation at 95°C for 2 min, followed by 25 cycles for archaeal 16S rRNA cDNA and 40 
cycles for dsrAB mRNA cDNA and mcrA mRNA cDNA, each consisting of 20s denaturation 
at 98°C, 15 s at primer annealing temperature (see above), and 20s elongation at 72°C.  
Nested PCR for dsrAB required the following protocol: 50°C incubation for reverse 
transcription for 30 min, 95°C polymerase activation for 2 min, followed by 40 cycles of 
94°C denaturation for 30s, 55°C annealing for 1min, and 72°C extension for 1.5 min, plus a 
final cycle of 94°C for 30s, 55°C for 3 min and 72°C for 10 min. For July-A and July-B, 
triplicate RT-PCR runs for each primer combination were combined, cloned, and sequenced; 
the other clone libraries were from a single amplification each. Co-extracted blanks never 
resulted in RT-PCR-amplified material visible on a 1.5% agarose gel. All PCR and RT-PCR 
products were purified using either a MoBio PCR Clean-up kit or purification in a 1 % 
agarose gel and MoBio UltraSpin.    
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Purified products were cloned using the TOPOTA PCR cloning kit  (Invitrogen, San 
Diego, California), and transformed into E. coli by electroporation. Sequences were obtained 
at the Josephine Bay Paul Center at the Marine Biological Laboratory (Woods Hole, MA), 
using an ABI 3730 sequencer, or at Genewiz (South Plainfield, NJ) on an ABI Prism 3730xl 
sequencer.  Vector sequences were removed and forward and reverse reads were assembled 
into contigs using Sequencher 4.7 (GeneCodes, Inc.). Chimeras were identified using 
Belleropheron.  ClustalW-aligned sequences were grouped into operational taxonomic units 
of 98% similarity using an average of nearest and farthest neighbor joining in Mothur (a free 
program combining the programs SONS and DOTUR) (Schloss and Handelsman 2005; 
Schloss and Handelsman 2006). Archaeal 16S rRNA sequences representative of each OTU 
were aligned against the 2007 Silva release with ARB (www.arb-home.de) Phylogenetic 
trees of 16S alignments and amino acid translations of the mRNA alignments were made 
using Paup (Swofford 2000). 
In order to check for potential DNA co-extraction, each batch of extracted RNA was 
tested by PCR, using the same primer sets as for clone libraries (Table 4-2).  In each case, no 
bands were visible, except for the non-nested amplification of July-B 51-54cm archaeal 16S 
rRNA.  Clones from this sediment, therefore cannot be assumed to represent RNA.  As an 
additional precaution for the mRNA amplifications, triplicate PCR amplicons (invisible in 
gel) from one section were cloned and 47 sequences were analyzed, but did not contain 
identifiable mcrA. 
4.3.4 Quantitative PCR and RT-PCR. Since ANME-1 have not yet been cultured, 
DNA standards were made from TOPO 2.1 plasmids (Invitrogen) containing an insert of a 
near-complete, PCR-amplified ANME-1 16S rRNA (Polz and Cavanaugh 1997).  RNA 
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standards were in vitro transcribed from the same plasmid used for DNA, by cutting with Spe 
I (New England Biolabs), transcribing with T7 polymerase (TaKaRa), and purifying with the 
RNeasy MinElute kit. In vitro transcribed rRNA can effectively substitute for native rRNA in 
uncultured organisms, even though it is not a perfect mimic (Polz and Cavanaugh 1997).  
DNA standards were quantified with PicoGreen and RNA standards were quantified with 
RiboGreen on a Stratagene Mx3005P working in the quantitative plate read mode. The 
reverse primer used for reverse transcription and SYBR-Green qPCR measurements was 
ANME-1-830r (5’- TCG CAG TAA TGC CAA CAC-3’) (Boetius et al. 2000). The forward 
primer was modified from ANME1-632 reported in Boetius et al. (2000) to better match the 
ANME-1 sequences derived from the clone libraries, while still encompassing most ANME-
1 16S rRNA sequences in the 2007 release of the Silva database (Pruesse et al. 2007).  The 
resulting primer is shifted 4 positions toward the 5’ end, ANME-1-628f (5’-GCT TTC AGG 
GAA TAC TGC-3’) and has at least one mismatch to all non-ANME-1 16S sequences. 
Primer concentrations were chosen to minimize the Ct of the standard, while also minimizing 
primer-dimers and non-target amplification, as assessed through post-amplification dsDNA 
melt curves.  
For each core and extraction method, samples were diluted until the Ct decreased log-
linearly with sample dilution, indicating the absence of inhibition effects. Each 25 µl reaction 
contained 1 µl DNA or RNA template at the appropriate dilution, 12.5 µl QuantiFast PCR or 
RT-PCR master mix containing SYBR-Green (Qiagen), 0.20 µl ANME1-628f (10 µM) and 
0.24 µl ANME1-830r (10 µM), and 0.25 µl QuantiFast reverse transcriptase (mixture of 
Sensiscript and Omniscript) for qRT-PCR.  The qRT-PCR protocol included the following 
steps: 50°C incubation for reverse transcription for 10 min, 95°C polymerase activation for 5 
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min, followed by 40 cycles of 95°C denaturation for 10 sec and 60°C annealing for 45 sec, 
followed by a melt curve from 95°C to 55°C. The qPCR protocol was identical, minus the 
initial 50°C step. Stratagene MxPro software was used to determine the Ct of each reaction 
and the efficiency of each standard curve (all were > 90%). All amplifications were checked 
for specificity with dsDNA melt curves and any exhibiting multiple products (most 
commonly from primer dimers) were not considered in the analysis. Extraction blanks as 
well as RNA samples without reverse transcriptase treatment all had Ct’s of more than 5 
cycles higher than the samples, indicating contributions of contamination from extraneous 
nucleic acids or from DNA to be negligible. The qRT-PCR products of a few samples were 
cloned and sequenced to check for amplification of non-target cDNAs. All standard curves of 
Ct vs. template concentration were fit with log-linear plots and had R2 values of at least 0.99. 
In the case of samples containing a very low abundance of ANME-1, amplification fell 
outside the range covered by a high quality standard curve, and are noted in Figure 4-7. For 
samples where no Ct could be determined, or where amplification occurred only through 
primer dimers (Tm around 80°C), the points were plotted on the y axis and can be assumed 
to be below the detection limit of our methods. Due to DNA or RNA pellet resuspension, 
mixing with DNAse, or diluting to remove residual inhibition, the samples were measured at 
very low template concentrations. So, the detection quantification limits were multiplied by 
these dilution factors in order to show them relative to whole sediment values. Total RNA 
and DNA were measured using the QuantIt RiboGreen and QuantIt PicoGreen kits 
(Invitrogen), respectively, on a Stratagene Mx3005P real-time PCR machine, using the 
quantitative plate read mode.   
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4.3.5 CARD-FISH. In order to quantify specific groups of cells, we used catalyzed 
auto-reporter deposition fluorescent in situ hybridization (CARD-FISH) with probes specific 
for ANME-1 ANME1-350 (5’-AGT TTT CGC GCC TGA TGC-3’) (Boetius et al. 2000), 
ANME-2 (EelMS932 5’-AGC TCC ACC CGT TGT AGT-3’) (Boetius et al. 2000), Eub I-III 
(5’-GCAGCCACCCGTAGGTGT-3’ and 5’-GCTGCCACCCGTAGGTGT-3’) (Daims et al. 
1999), Arc915 (5’-GTGCTCCCCCGCCAATTCCT-3’) (Stahl and Amann 1991), or DSS 
658 (5’- TCC ACT TCC CTC TCC CAT-3’) (Manz et al. 1998).  Sediments hybridized to 
probes following the methods of Lösekann et al. (2007) (Lösekann et al. 2007) were 
sonicated at 20% power for 40 seconds to loosen cells from sediments, diluted 40-fold into 
PBS, filtered onto a 0.45 µm polycarbonate filter, and covered in agarose. Cells were 
permeabilized with HCl and Triton X for Eub I-III and Arc915, and were hybridized in 55% 
formamide at 35°C. 
4.3.6 Geochemical measurements. For sulfate measurements, plastic 15 ml tubes 
filled completely with sediment (to minimize exposure to oxygen) were centrifuged and the 
resulting porewater was filtered at 0.2 µm, acidified with 10% HCl (to convert all sulfide to 
H2S gas), and measured using a 2010i Dionex ion chromatograph (Sunnyvale, CA) with a 
Dionex OnGuard-Ag pre-filter to remove chloride ions. July-A samples were not acidified 
after centrifugation before mixing with eluent, and chloride removal columns were not used 
for this core, or for Dec-E.  Chloride measurements were made on filtered porewater that was 
not acidified using the ion chromatograph. For methane measurements, 4 ml or 3 ml 
sediments were added to 60 ml serum vials containing 1ml 0.1 M KOH, and were stoppered 
and crimp-sealed. After being shaken for 1 minute to release methane from sediments, and a 
5 ml headspace aliquot was equilibrated for 1 minute and was analyzed on a Shimadzu Mini 
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II gas chromatograph (Kyoto, Japan) equipped with flame ionization detector. The precision 
for replicate measurements of single samples was ±3 percent for sulfate, chloride, and 
methane concentrations. 
Porosity was measured by measuring the wet weight of each sediment layer and the 
weight of each sediment layer after drying in an oven over multiple days, and using the 
following formula: 
 
(1) Porosity =                                         (wet– dry) * 1 / ρporewater                                                   s 
           (wet - dry) * 1 / ρporewater + (dry - (dry / ρsediments * (S / 1000))*1/ρsediments 
 
where ρporewater is the density of the porewater, corrected for temperature, salinity, and 
pressure using the formulas in Tables 3.5 and 3.6 of Pilson (Pilson 1998); ρsediments is 2.24 
g/cm3, which is a general density for marine sediments; and S is salinity in ppt, measured by 
chlorinity on the ion chromatograph. The dry / ρsediments * (S / 1000) term accounts for the 
contribution of evaporated salts (which have already been accounted for in the wet weight 
term) to the dry weight. 
Radiotracer rate measurements were made following the methods of Albert et al. 
(1994) for sulfate reduction rate (Albert et al. 1994), and those of Reeburgh et al. (1980) for 
methane oxidation rates (Reeburgh 1980) by filling 3 ml airtight glass syringes with fresh 
sediment, line injecting with 10 µl 35S-labeled sulfate for sulfate reduction rates, or 25 µl 14C-
labeled methane gas for methane oxidation rates. Syringes were incubated at in situ 
temperature for 1 day for sulfate reduction, or 2 to 3 days for methane oxidation before being 
stopped by freezing (sulfate reduction), or injection into 5M KOH (methane oxidation). Rate 
measurements were calculated with the following relationship: 
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(2) Rate = [C]*α*(recovered 14CO2 or H35S- / 14CH4 or 35SO42- added)/incubation time 
 
where [C] is the concentration of CH4 or SO42- in the sample, α is the fractionation 
factor between 12C and 14C for biological AOM, 1.02 (Alperin et al. 1988), or the 
fractionation factor between 35S and 34S for biological sulfate reduction, 1.045 (Jørgensen 
1978). Concentrations of CH4 or SO42- and radiotracer turnover were determined on the same 
sections of the same core. 
Stable carbon isotope ratios were measured using an isotope ratio mass spectrometer 
coupled through a combustion interface to a gas chromatograph. δ13C is defined as the ratio 
® of 13C carbon to 12C relative to a standard (Pee Dee Belemnite) reference in the following 
relationship: 
 
(3) δ13C (‰) = [R(sample)/R(PDB standard) – 1]*1000        
 
Below the SMTZ of cores E, F, and G, methane  δ13C values were measured via 
direct injection of the gas headspace of basified sediments. Within the SMTZ, samples were 
cryo-focused in order to allow the injection of 0.5 ml gas headspace, and above the SMTZ, 
the low amounts of methane required cryo-focusing using 5 ml headspace from each depth. 
δ13C of dissolved inorganic carbon (DIC) required only a direct injection of 0.2 ml of 
headspace from acidified filtered porewater. 
 
74 
 
4.3.7 Gibbs Free energy calculations. Gibbs free energy was calculated for methane 
production (MP), anaerobic oxidation of methane (AOM), and AOM in a consortium with a 
sulfate reducer (AOM-SR), according to the following equations and formation energies at 
standard temperature and pressure from Stumm and Morgan (1996) (Stumm and Morgan 
1996): 
 
(4) MP:           4H2(aq) + CO2(g)  CH4(aq) + 2H2O(l)                                ΔGf° = -186.14 kJ/mol 
(5) AOM:       CH4(aq) + 2H2O(l)   4H2(aq) + CO2(g)                                ΔGf° = 186.14 kJ/mol 
(6) AOM-SR: CH4(aq) + SO42-(aq)  H2O(l)  + HCO3-(aq) + HS-(aq)             ΔGf° = -32.94 kJ/mol 
 
ΔGf values were adjusted to in situ temperatures (11°C for Dec-E and 27°C for July-
G) using the van’t Hoff equation: 
 
(7)  ln (Kin situ / K298) = -ΔH° / R (1 / Tin situ – 1 / T298) 
 
where Kin situ is the equilibrium constant at in situ temperature, K298 is the equilibrium 
constant at standard temperature (298 K), ΔH° is the standard enthalpy of formation for the 
reaction obtained from (Stumm and Morgan 1996), R is the universal gas constant (8.31451 x 
10-3 kJ/molK), Tin situ is the in situ temperature in Kelvin, and T298 is the standard temperature 
(298 K). Solving for Kin situ gives: 
 
(8) Kin situ = K298 * e^(- ΔH° / R (1 / Tin situ – 1 / T298)) 
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and K298 can be calculated from: 
 
(9)  ΔG°298 = - R T298 ln K298 
 
to get: 
 
(10) ΔG°in situ = - R Tin situ ln Kin situ 
 
Gibbs free energy of reaction for AOM-SR was determined with: 
 
(11)  ΔGrxn = ΔG°in situ + RTln (Keq) 
 
where Keq is the actual equilibrium constant given in situ activities of reactants and 
products: 
 
(12) Keq,MP =             γCH4 [CH4(aq)]         s 
               γH2  [H2(aq)]4 * pCO2(g) 
 
(13) ) Keq,AOM =   γH2 *[H2(aq)]4 * pCO2(g)  
                      γCH4 [CH4(aq)]  
 
(14) ) Keq,AOM-SR = γCH4 [CH4(aq)] * γSO42- [SO42-(aq)] s 
                   γHCO3- [HCO3-(aq)] * γHS- [HS-(aq)] 
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H2O(l) is not included since its concentration relative to itself is by definition unity, γ 
is the activity coefficient for each species at porewater ionic strength. They can be ignored in 
the calculations because they cancel each other out. pCO2 was determined from previously 
measured dissolved inorganic carbon (DIC) concentrations from Station H (Kelley et al. 
1990), pH (Chanton), and in situ temperature and pressure using the an Excel Macro (Pierrot 
et al. 2006). 
 
Potential biomass production (in cells per gram whole sediment per day) from AOM 
was determined with: 
 
(15)  Cell production rate (in cells/g*day) = -MOR* ΔGAOM-SR*porosity 
                                                                            Ds/rAx*Cell    biomass*106 
 
Where MOR is radiotracer measured methane oxidation rate in µM of porewater per 
day, Ds/rAx is Gibbs energy dissipation for anaerobic growth of Methanobacterium AZ, a 
hydrogenotrophic methanogen (840 kJ/Cmol) (Heijnen and Vandijken 1992), and starving 
cell biomass is estimated at 1.58 fmolC/cell, used in (Schippers et al. 2005) originally from 
(Morita 1997). Another cell biomass from chemostats is 8 x 10-15 Cmol per cell used in 
(Penning and Conrad 2006) originally from (Tijhuis et al. 1993). ΔGAOM-SR was calculated 
with equation 6, and halved because the energy is shared between the methane oxidizer and 
sulfate reducer. The measured number of new cells created across the SMTZ was calculated 
by dividing the increase in copies of ANME-1 16S rRNA DNA copies per gram sediment by 
an estimated two 16S rRNA gene copies per cell and a sedimentation rate of 0.3 cm/yr 
(Martens et al. 1998). Since the number of 16S rRNA gene copy numbers per cell is not 
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known, an estimate of 2 was used to reflect the fact that most cultured archaea have a single 
16S operon, but some have as many as four (Acinas et al. 2004). 
 
4.4 Results 
4.4.1 Geochemistry. Porewater sulfate concentration decreased with depth in all 
cores, concurrent with an increase in porewater methane concentration, resulting in a 
consistent SMTZ, defined as the space where both methane and sulfate have non-zero fluxes 
(Figs. 4-2 and 4-3). The SMTZ was located at 20-40 cm below the sediment surface over 
many years and between seasons, showing only small seasonal or multi-year variation in 
these cores. The sulfate concentration asymptote reached in July-A (~2 µM, Fig. 4-2A) is 
most likely an artifact of sampling method, since no precautions were taken to avoid the 
oxidation of sulfide before exposing it to oxygenated eluent during IC measurement, and 
subsequent experiments with frozen samples from July-A showed much lower values 
(Appendix B). The asymptote in Dec-E is much smaller, but still may be an artifact of not 
removing the chloride that was added during acidification. The asymptotes in July-F and 
July-G are indistinguishable from zero by our methods. The concave up chloride profile for 
July 2008 (Fig. 4-2E) show that some of the apparent sulfate depletion is due to changes in 
salinity (upward advection of fresh groundwater) rather than sulfate reduction. For July 2005, 
this freshwater advection appeared to be low, with a linear chloride profile (Fig. 4-2b). 
Methane δ13C values of July-F, July-G, and Dec-E exhibit a commonly observed profile for 
marine sediments (Whiticar and Faber 1985) with a slight upcore 13C-depletion due to 
methanogenesis below the SMTZ, switching to a sharp 13C-enrichment at the SMTZ 
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suggesting methane oxidation is preferentially removing 12C from the methane pool (Figures 
4-2g and 4-3c). The extreme 13C-enrichment of methane in core Dec-E may reflect the 
extremely small pool size of methane at these depths, where even modest consumption of 
methane will have a large effect on the total pool. δ13C of dissolved inorganic carbon (DIC) 
for cores July-F and July-G shows a 13C-depletion with depth as organic matter is oxidized, 
followed by a 13C-enrichment as methanogens preferentially remove the lighter isotope 
below the SMTZ (Figure 4-2g). In July-1989, Dec-E, and July-G, AOM rates peak at the 
SMTZ, but continue well below the depth of sulfate depletion (Fig. 4-2c). Since stable 
isotope and methane concentration curves suggest that methane is being produced in these 
sediments, this methane oxidation is a small back-reaction of net methane production, which 
is often measured in sulfate-depleted marine sediments (Zehnder and Brock 1980; Hoehler et 
al. 1994). In July-F and July-G, sulfate reduction is highest in surface sediments, and 
decreases along with sulfate concentration. 
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FIGURE 0-2 GEOCHEMICAL DATA FOR SUMMER CORES 
Summer cores from July 2005 (A-B), July 1989 (C), and July 2008 (D-F), with (A) 
methane and sulfate concentrations for July-A (closed markers) and July-B (open markers), 
(B) chloride concentrations for July-A, (C) methane concentrations and methane oxidation 
rates for July-1989, (D) methane and sulfate concentrations for July-F (closed markers) and 
July-G (open markers), (E) chloride and sulfide concentrations for July-F and July-G, 
respectively, and (F) sulfate reduction and methane oxidation rates for July-F (closed 
markers), and July-G (open markers). Sulfate-related measurements are in green, methane-
related measurements are in blue, sulfide measurements are in orange, and chloride and DIC 
measurements are in burgundy. 
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FIGURE 0-3 GEOCHEMISTRY FOR FALL/WINTER CORES 
Fall/winter cores from November and December of 2006, with (A) methane and 
sulfate concentrations for Nov-C (open markers) and Dec-E (closed markers), and (B) 
methane oxidation rates for Dec-E. Sulfate concentrations are in green, all methane-related 
measurements are in blue. 
 
4.4.2 cDNA clone libraries and CARD-FISH. Archaeal 16S rRNA transcripts were 
successfully reverse-transcribed and amplified from all samples attempted (Table 4-2). All 
samples from the SMTZ and below contained 16S rRNA transcripts from ANME-1a archaea 
(Fig. 4-4). July-A at 60-63cm, July-B at 54-57cm and 87-90cm, Dec-E at 24-27cm and 69-
72cm, and July-G at 48-51cm all had very closely related ANME-1a sequences, although 
July-B 54-57cm cannot be assumed to represent RNA since DNA could be amplified from 
this sample as well (Table 4-2). ANME-1a sequences were absent from the archaeal 16S 
rRNA transcript clone library from July-B, 3-6 cm, which contained mainly Crenarchaeota. 
The majority of clones present in all 16S rRNA cDNA clone libraries were Crenarchaeota 
and members of the Marine Benthic Group-D, which are not included in the present 
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discussion of the role of ANMEs in the methane cycle (see Chapter 5). No ANME-1b, 2a, 2b, 
or 2c sequences were found in any samples, even in clone libraries made using primers that 
target ANME-2 (EelMS932r). In addition, no sequences related to those of cultured 
methanogens were recovered from the general archaeal 16S rRNA transcript clone libraries. 
Other euryarchaeotal clones included those from the Deep Sea Hydrothermal Vent 
Euryarchaeota Group 3 (DHVE3), the Guaymas Euryarchaeotal Group (Teske et al. 2002), 
and outside group UEII (Schrenk et al. 2003), all of which were first described in 
hydrothermal vent systems. 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
82 
 
TABLE 0-2 RT-PCR AMPLIFICATION ATTEMPTS FOR 16S RRNA, DSRAB, AND MCRA TRANSCRIPTS. 
Rows highlighted in red indicate samples that had a low proportion of successful 
amplification attempts. 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
Core Depth 
(cmbsf) 
Primers
c
 Target RNA Positive 
RT-
PCR
a
 
DNA 
present?
b
 
A, July 05 60-63 Below A8f-A915r, A8f-A915r Arc 16S rRNA 1/1 No 
A, July 05 87-90 Below A8f-EelMS932r ANME-2 16S rRNA 1/1 No 
B, July 05 3-6 Above A8f-EelMS932r ANME-2 16S rRNA 1/1 No 
B, July 05 54-57 SMTZ A8f-A915r, A8f-A915r Arc 16S rRNA 1/1 No 
B, July 05 54-57 SMTZ A8f-A915r Arc 16S rRNA 1/1 Yes 
B, July 05 87-90 Below A8f-EelMS932r ANME-2 16S rRNA 2/2 No 
B, July 05 87-90 Below A8f-A915r Arc 16S rRNA 4/4 No 
E, Dec 06 24-27 SMTZ A8f-A915r Arc 16S rRNA 1/1 No 
E, Dec 06 69-72 Below A8f-A915r Arc 16S rRNA 1/1 No 
G, July 08 48-51 Below A8f-A915r Arc 16S rRNA 1/1 No 
A, July 05 42-45 SMTZ Dsr1f4r, 1f1-1r1 dsrAB mRNA 1/1 No 
A, July 05 60-63 Below Dsr1f4r, 1f1-1r1 dsrAB mRNA 3/13 No 
A, July 05 84-87 Below Dsr1f4r, 1f1-1r1 dsrAB mRNA 1/6 No 
B, July 05 51-54 SMTZ Dsr1f4r, 1f1-1r1 dsrAB mRNA 6/7 No 
E, Dec 06 24-27 SMTZ Dsr1f4r, 1f1-1r1 dsrAB mRNA 6/8 No 
E, Dec 06 69-72 Below Dsr1f4r, 1f1-1r1 dsrAB mRNA 0/8 N/A
e
 
G, July 08 48-51 Below Dsr1f4r, 1f1-1r1 dsrAB mRNA 0/1 No 
A, July 05 60-62 Below Mixed nested
d
 mcrA mRNA 3/3 No 
A, July 05 87-90 Below ME1/2, ME1/2 mcrA mRNA 5/5 No 
A, July 05 87-90 Below MCRf/r, MCRf/r mcrA mRNA 2/2 No 
B, July 05 3-6 Above Mixed nested
d 
mcrA mRNA 0/1 N/A
e
 
B, July 05 54-57 SMTZ ME1/2, ME1/2 mcrA mRNA 3/3 No 
B, July 05 87-90 Below ME1/2, ME1/2 mcrA mRNA 3/3 No 
E, Dec 06 24-27 SMTZ Mixed nested
d 
mcrA mRNA 0/1 N/A
e
 
E, Dec 06 24-27 SMTZ ME1/2, ME1/2 mcrA mRNA 0/1 N/A
e
 
E, Dec 06 69-72 Below Mixed nested
d 
mcrA mRNA 0/1 N/A
e
 
E, Dec 06 69-72 Below ME1/2, ME1/2 mcrA mRNA 0/1 N/A
e
 
G, July 08 3-6 Above ANME1mcrf/r mcrA mRNA 1/1 No 
G, July 08 9-12 Above ANME1mcrf/r mcrA mRNA 2/2 No 
G, July 08 18-21 Above ANME1mcrf/r mcrA mRNA 1/1 No 
G, July 08 21-24 Above ANME1mcrf/r mcrA mRNA 1/1 n.d.
f
 
G, July 08 27-30 SMTZ ANME1mcrf/r mcrA mRNA 1/1 n.d.
f
 
G, July 08 39-42 SMTZ ANME1mcrf/r mcrA mRNA 1/1 n.d.
f
 
G, July 08 42-45 SMTZ ANME1mcrf/r mcrA mRNA 1/1 n.d.
f
 
G, July 08 48-51 below ANME1mcrf/r mcrA mRNA 1/1 No 
G, July 08 48-51 below ME1/2, ME1/2 mcrA mRNA 0/1 N/A
e
 
a
Number of positive amplifications (as visualized on an agarose gel) out of the total number of attempts 
where the positive control worked. 
b
Positive amplification without reverse transcription 
c
References for A8f (Teske et al. 2002), A915r (DeLong 1992), EelMS932r (Boetius et al. 2000), Dsr1f4r 
(Wagner et al. 1998), 1f1-1r1 (Dhillon et al. 2003),  ME1/2 (Hales et al. 1996), MCRf/r (Springer et al. 
1995), ANMEmcrf/r (Lever 2008). Primer pairs separated by commas show primers used for initial RT-
PCR and nested PCR. 
d
These had an initial RT-PCR reaction with ME1/Mcrr followed by nested PCR with MCRf/ME2 
e
N/A stands for Not Applicable, since no visible amplification occurred. 
f
Not determined, since clone libraries were not made from these samples. 
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FIGURE 0-4 NEIGHBOR-JOINING TREE OF METHANOGEN-RELATED ARCHAEAL 16S RRNA TRANSCRIPT 
SEQUENCES 
Parsimony-based bootstrap support is from 1000 repetitions and is listed at the nodes. 
Numbers of clones represented by each 98% OTU group are shown in parentheses. Clones 
from the SMTZ are red, and those from below the SMTZ are blue. 
 
mcrA mRNA transcript clone libraries also show the presence of ANME-1 and not 
ANME-2, at the SMI and below (Fig. 4-5a). No amplification was found with general mcrA 
primers in July-B 3-6cm or any of the depths from Dec-E or July-G (Table 4-2), even though 
these worked for the July-A and July-B cores (Table 4-2). Primers specific for ANME-1 
mcrA, however, amplified products in all depths examined for July-G (at 3-6, 9-12, 18-21, 
21-24, 27-30, 39-42, 42-45, and 58-51cmbsf). Clone libraries made for July-G 3-6cm, 9-12 
cm, 18-21 cm, and 48-51 cm showed that these products were indeed ANME-1. In addition 
to ANME-1, mcrA mRNA sequences related to Methanosaeta sp. was found at 87-90 cm in 
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July-A, and sequences grouping with the Methanomicrobiales were found at 60-63 cm in 
July-A, using general mcrA primers. 
 The most commonly retrieved sequences in the dsrAB mRNA transcript clone 
libraries fell within Cluster B in the Desulfobacteraceae, a group that has been found 
previously at the SMTZs of marine sediments (Fig. 4-5b) (Leloup et al. 2007). These 
sequences were found at the SMTZ of July-B (51-54 cm) and Dec-E (24-27 cm), and just 
below the SMTZ in July-A (60-63 cm). In addition, July-B (51-54 cm) contained clones from 
the Desulfobacterium anilini group, whose cultured members oxidize alkanes, but are often 
recovered from marine sediments that have no clear alkane contamination (Bahr et al. 2005). 
The deepest sample that had a positive amplification, at 84-87 cm from July-A, contained 
only clones that grouped near Desulfobacca acetoxidans. No dsrAB mRNA cDNA could be 
amplified from Dec-E and July-G below the SMTZ (69-72 cm and 48-51 cm, respectively) 
despite many attempts with nested PCR. Amplifications of dsrAB mRNA RT-PCR were 
much more repeatable for samples at the SMTZ (12 of 15 attempts), than any of the samples 
below the SMTZ (4 of 28 attempts). No dsrAB mRNA amplification attempts were attempted 
above the SMTZ. 
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FIGURE 0-5 NEIGHBOR-JOINING TREES OF AMINO ACID TRANSLATIONS OF MCRA AND DSRAB 
Neighbor-joining trees of amino acid translations of A) mcrA mRNA cDNA 
following the groupings of Hallam et al. (2003) (Hallam et al. 2003), and B) dsrAB mRNA 
cDNA following the groupings of Leloup et al. (2007) (Leloup et al. 2007), with parsimony-
based bootstrap support from 1000 repetitions listed at the nodes. Numbers of clones 
represented by each 98% OTU group (determined from nucleic acids) are shown in 
parentheses. Clones from above the SMTZ are green, within the SMTZ are red, and those 
from below the SMTZ are in blue. 
 
Using CARD-FISH with July-B, ANME-1 cells were sparse and were only seen at 
the SMTZ (54-57 cmbsf), although 7 other depths were examined (0-3 cm, 3-6 cm, 9-12 cm, 
18-21 cm, 42-45 cm, 72-75 cm, and 87-90 cm). Here, characteristic rod-shaped ANME-1 
cells existed singly or in small clusters, but were too few to reliably count (Fig. 4-6a-d). They 
stained well with the ANME-1 probe, and also with DAPI. These results suggest that 
ANME-1 are in very low abundance in these sediments, but are most likely to be seen in the 
SMTZ. General bacterial and archaeal probes worked well for all depths, and bacteria were 
often found in clusters, whereas archaea were never observed in close physical association 
with other cells. Sulfate reducing bacteria of the Desulfosarcina/Desulfococcus cluster were 
easily identifiable in the upper sediment core, with a variety of morphologies, often 
clustering together, similarly to the cells stained with general bacterial primers (Fig. 4-6e-f). 
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FIGURE 0-6 CARD-FISH RESULTS FROM JULY-B 51-54 CMBSF 
 These are stained with either DAPI (B, D, and F), ANME-1 probe (A, C), or 
EubI-III (E). 
 
4.4.3 Quantitative PCR and RT-PCR. In Dec-E and July-G, ANME-1 has a distinct 
peak in both 16S transcripts and 16S DNA coinciding with the depth of greatest measured 
AOM and the sulfate depletion depth (Fig. 4-7b and c). Below this peak, copies of ANME-1 
16S transcripts and DNA decreased a bit, but remain fairly high throughout the remainder of 
the cores. This trend is also true for July-A, from which no data were taken in the upper core 
(Fig. 4-7a). 16S rRNA transcripts and DNA from ANME-1 are also present in the upper 
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sections of Dec-E and July-G, with a gradual increase to the peak at the SMTZ (Fig. 4-7b and 
c).  
 
 
 
 
 
 
 
FIGURE 0-7 QUANTITATIVE PCR AND RT-PCR OF ANME-1 16S RRNA GENES AND CDNA WITH DEPTH 
For July-A (A), Dec-E (B), and July-G (C). DNA-based amplifications are in red and 
RNA-based amplifications are in blue. Horizontal boxes indicate the depth of highest 
measured rate of AOM. Horizontal dashed lines indicate the sulfate depletion depth. Some 
measurements fell below the range of the high quality portion of the standard curve, and 
cannot be assumed to be accurate quantities. These include July-A RNA measurements 
below 1.8 x 107 copies/g sediment, Dec-E DNA measurements below 4.9 x 105 copies/g 
sediment, Dec-E RNA measurements below 6.3 x 108 copies/g sediment, and July-G DNA 
measurements below 3.3 x 104 copies/g sediment. Absolute quantification limits were lower, 
since samples diluted before measurement. Values falling on the y axis showed no 
amplification within 40 cycles. The grey shaded areas are the SMTZ, where methane and 
sulfate are both changing with depth 
 
The ratio of ANME-1 16S rRNA transcripts to ANME-1 16S rRNA DNA also varies 
with depth, starting at zero at the top of the core, increasing within the upper section of the 
core, and remaining relatively steady below the sulfate depletion depth (Fig. 4-8). These 
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values cannot be strictly interpreted as absolute copies of ANME-1 16S cDNA and DNA in 
sediments, since the standards used were derived from plasmid copies of clones sequenced in 
the current study. These are certainly not a perfect analog for natural genomic DNA or 
intracellular RNA, and the standards do not account for losses during nucleic acid extraction. 
These results are best interpreted relative to each other at different depths within a single 
core. 
 
FIGURE 0-8 RATIO OF ANME-1 CDNA TO DNA WITH DEPTH 
For Dec-E (purple x’s) and July-G (blue diamonds). Horizontal box denotes the depth 
of maximum AOM rates for both cores. 
 
4.4.4 Bioenergetics. Using hydrogen concentrations measured for Cape Lookout 
Bight sediments in the winter (depth-adjusted for the location of the SMTZ at Dec-E), DIC 
concentrations previously measured for station H (Kelley et al. 1990), sulfide measurements 
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from July-G, and methane and sulfate measurements for Dec-E, Dec-E shows a vertical 
zonation of ΔGrxn that shows that AOM is energetically advantageous in and above the 
SMTZ either as half of a consortium with a sulfate reducer, or alone as a hydrogen producer 
(Fig. 4-9a). Below the SMTZ, AOM coupled to sulfate reduction is not advantageous given 
negligible sulfate concentrations, and AOM alone is not advantageous due to high hydrogen 
concentrations. Methanogenesis shows the mirror image to hydrogen-producing AOM, since 
these are reverse reactions of each other. No comparable hydrogen concentrations exist for 
July-G, since no net methane oxidation is observed in summer Cape Lookout Bight 
sediments due to non-steady state conditions. However, the curves in Fig. 4-9b were 
produced using increases in hydrogen relative to winter Cape Lookout Bight measurements 
that are appropriate for such a temperature increase. Due to the 4th-power sensitivity of these 
measurements to hydrogen activities, which was not measured in these sediments, these 
numbers are useful mainly as general estimates of thermodynamic favorability of these 
different processes. These simulations work best when seen as hypothetical situations since 
we have no basis to assume that hydrogen concentrations are similar in White Oak estuary 
and Cape Lookout Bight sediments. 
The feasibility of obtaining the observed peaks in DNA in Dec-E and July-G (Fig. 4-
7b and c) using the AOM radiotracer rate measurements of those cores (Fig. 4-2f and 4-3b) 
was assessed in Table 4-3. Equation 15 was used to calculate the number of cells that would 
be expected from the measured AOM rates. It appears that the measured rates could drive 
this level of biomass production given reasonable estimates for growth yield of methanogens, 
cellular biomass, and correspondence between DNA copies and cell number.  
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FIGURE 0-9 GIBBS FREE ENERGY OF REACTION 
With anaerobic oxidation of methane (pink), CO2 reduction to methane (blue) and 
coupled AOM and sulfate reduction (green) for winter Dec-E (A), and summer July-G (B). 
For Dec-E, hydrogen concentrations were interpolated relative to the SMTZ from Cape 
Lookout Bight winter sediments. For July-G, hydrogen concentrations were increased 
slightly from those measured in the winter in Cape Lookout Bight to account for the 
temperature increase. 
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TABLE 0-3 ESTIMATING NEW CELLULAR BIOMASS PRODUCED IN SMTZ AND THE 
CELLULAR BIOMASS EXPECTED FROM AOM, AT SEDIMENT DEPTHS WHERE RADIOTRACER 
RATE MEASUREMENTS AND QPCR DATA CO-OCCUR. 
 
 
 
 
 
4.5 Discussion and Conclusions 
4.5.1 Geochemical zones. White Oak River estuary sediments at station H can be 
divided into three vertically stratified zones that are remarkably stable over many years and 
between seasons, and generally follow the systematics described for Cape Lookout Bight 
(Hoehler et al. 1998; Hoehler et al. 2001). In the upper zone sulfate reduction occurs, as 
shown by radiotracer rate measurements and a concave-up sulfate concentration curve with 
depth. Here, sulfate reducers most likely keep hydrogen concentrations low (Hoehler et al. 
1998; Hoehler et al. 2001), making anaerobic oxidation of methane (AOM) energetically 
favorable (Fig. 4-9). In the upper sediment, AOM occurs, but is limited by very low methane 
flux, as shown by the further 13C-enrichment of the methane pool as it diffuses upwards 
through the sediments. The second zone is the sulfate-methane transition zone (SMTZ), 
where rates of AOM peak as the methane limitation is alleviated by diffusion from methane-
saturated subsurface sediments. This is corroborated by rapid 13C-enrichment of the methane 
δ13C. The third zone is net methanogenic, as shown by a high flux in methane coupled to 13C-
 Potential Biomass from AOM (cells g
-1
 cm
-1
)
a
 Measured Biomass 
(cells g
-1
 cm
-1
) 
Core Based on MOR-1
st
 
measurement 
Based on MOR-2
nd
 
measurement 
Based on average cell 
counts  
Dec-E (27-30 cmbsf) 3.47 x 10
6
 2.52 x 10
6
 1.70 x 10
6
 
July-G (33-36) 1.21 x 10
6
 4.41 x 10
6
 3.60 x 10
5
 
a
Assuming a growth yield of 840kJ/molC, which is that for chemoautotrophic Methanobacterium AZ 
(Heijnen and Vandijken 1992), per cell biomass of 8 x 10
-15
 Cmol/cell, and using half the !Grxn 
calculated for sulfate dependent methane oxidation calculated using methane and sulfate concentrations 
measured for each core, sulfide concentrations for July-G, and DIC from Kelley et al. 1990. 
b
Assuming 2 copies of 16S rRNA genes per cell, and a sedimentation rate of 0.3 cm/year. 
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depletion of methane δ13C as it diffuses upwards, and a 13C-enrichment of DIC δ13C as it 
diffuses downwards. Low measured rates of methane oxidation are part of a net methane 
production (MP), as is common in marine sediments (Zehnder and Brock 1980; Hoehler et al. 
1994). Diagenetic models of previously reported sulfate and methane profiles at station H 
concur with this tripartite zonation (Martens et al. 1998). 
4.5.2 Are ANME-1 populations active below the SMTZ?  ANME-1 16S rRNA 
transcripts were found in general archaeal clone libraries at the SMTZ as well as within the 
methanogenic zone. This supports that conclusion that ANME-1 populations are active in 
methanogenic sediments, since RNA is rapidly degraded in inactive cells. Although16S 
rRNA content is correlated with cellular activity (Karl 1981), it is not linked to any particular 
metabolic activity. mRNA, however, is rapidly degraded when its enzymatic product is not 
needed, and has only been detected in inactive cells that are spore-formers (Imachi et al. 
2006), or when conditions have selected for constitutive expression (Rother et al. 2005). The 
lifetime of mcrA in mesophilic methanogens is on the order of minutes to one hour 
(Hennigan and Reeve 1994). Therefore, the recovery of ANME-1 mcrA mRNA transcripts 
throughout the three zones suggests that ANME-1 is not only present, but undergoing either 
MP or AOM at all depths. However, RT-PCR is a very sensitive method and can 
theoretically detect a single copy of rRNA template. So quantitative methods are necessary to 
determine whether these RNA sequences were being retrieved from a substantially sized 
ANME-1 population. 
16S rRNA transcripts and rRNA genes derived from ANME-1 organisms increase in 
abundance at the SMTZ, along with the peak in measured AOM rates. This biomass increase 
is of a magnitude that could be supported from the observed AOM rate increase (Table 4-3). 
94 
 
In the methanogenic zone, however, ANME-1 RNA and DNA abundances do not decrease 
substantially, although they do decrease a small amount in July-G. For the two longer cores, 
relatively stable RNA and DNA abundances are maintained 40 cm into the methanogenic 
zone. At a sedimentation rate of 0.3 cm/yr (Martens et al. 1998), this means that the ANME-1 
population size does not decrease dramatically over the 130 years it has remained in the 
sulfate-free methanogenic zone. The 16S rRNA transcript to DNA ratio also does not drop 
substantially in the methanogenic zone, suggesting that these organisms are active. In 
summary, our data suggest ANME-1 transcribes 16S rRNA and mcrA mRNA in the 
methanogenic zone, where it maintains a stable population size and cellular RNA content. It 
is likely not a relict population, but an active one that makes use of local environmental 
resources. 
4.5.3 Metabolic flexibility in ANME-1. When sulfate is available, and hydrogen 
concentrations are low, AOM can proceed via the reaction in equation 5, for which close 
physical association to a sulfate reducing bacterium is unnecessary, as long as methane is 
available and sulfate reducers are nearby. In the upper section of the sulfate reduction zone 
methane flux is very low, so 16S rRNA transcripts for ANME-1 are below detection levels, 
although 16S rRNA DNA is still present. In summer months, methane reaches higher into the 
sulfate reduction zone than in the winter, where ANME-1 transcribes mcrA mRNA and 
maintains a high cellular content of 16S rRNA transcripts. In winter months, methane does 
not reach as high into the sulfate reduction zone, and 16S rRNA transcripts from ANME-1 
were not detectable until 18 cmbsf, still well above the SMTZ. These results are consistent 
with ANME-1 oxidizing small amounts of methane in the sulfate reduction zone, limited by 
the very low methane flux.  
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In the SMTZ, methane diffusing upwards from deeper sediments alleviates the 
methane limitation, while sulfate reducers keep hydrogen concentrations low. This drives a 
peak in AOM rates, with a corresponding increase in ANME-1 16S rRNA transcripts and 
DNA. This is the only sediment depth where the number of ANME-1 cells is high enough to 
be detectable with CARD-FISH, these cells were never observed to associate with sulfate 
reducing bacteria.  
When sulfate is depleted and sulfate reducers can no longer depress ambient 
hydrogen concentrations, hydrogenotrophic methanogenesis (equation 4) becomes 
energetically advantageous. Rates at this depth are dependent upon the lability of organic 
matter, which is most likely lower than it was in the sulfate reduction zone. Methanogenesis 
rates should peak just below the SMTZ and drop off gradually as the quality of available 
organic matter decreases (Zehnder and Brock 1980; Hoehler et al. 1994). Here, it seems that 
ANME-1 reverse their AOM metabolism to MP, and maintain a sizable population and 
RNA:DNA ratio throughout the methanogenic zone. In this zone, other types of methanogens 
appear in mcrA mRNA clone libraries, such as the Methanomicrobiales and 
Methanosarcinales, whose cultured members reduce H2/CO2 or acetate, respectively. This 
ability to reverse metabolism depending on ambient hydrogen concentrations would be 
analogous to that seen for a bacterium capable of switching between acetate oxidation or 
production (Lee and Zinder 1988).  
In this three-zoned model, small populations of ANME-1 undergoing AOM are 
limited by methane in the sulfate reduction zone, followed by an increase in ANME-1 fueled 
by the high methane flux at the SMTZ, and a reversal to methanogenesis when sulfate is 
depleted. A particular advantage of this scheme is that it explains why ANME-1 are often 
96 
 
found not to associate with a sulfate reducing partner (Orphan et al. 2002; Eller et al. 2005; 
Knittel et al. 2005; Orcutt et al. 2005; Treude et al. 2005; Lösekann et al. 2007; Treude et al. 
2007; Omoregie et al. 2008; Pernthaler et al. 2008), as is the case in our current study. Close 
physical associations with sulfate reducing bacteria are unnecessary if sulfate reducers reduce 
pore fluid hydrogen concentrations sufficiently low to make methane oxidation 
advantageous. This could also explains why the population composition of sulfate reducing 
bacteria does not change at the depth where ANME-1 appears (Lloyd et al. 2006). 
Another advantage of this model is that it does not require the discovery of any new 
genes. Since the model allows AOM, methanogenesis, or sulfate reduction to support free-
living microbes at different sediment depths, there is no need to hypothesize that ANME-1 
contain sulfate reducing genes or that sulfate reducers contain methane-oxidizing genes. 
ANME-1, as well as ANME-2, have been found to contain all the genes necessary for 
methanogenesis in their genomes, but none of those necessary for sulfate reduction (Hallam 
et al. 2004; Meyerdierks et al. 2005). The three-zone model of ANME-1 metabolic flexibility 
could also explain why Thomsen et al. (2001) were able to amplify ANME-1 16S rRNA 
genes from all three zones in Aarhus Bay, Denmark, but could only amplify dsrAB genes in 
the sulfate reduction and SMTZ zones (Thomsen et al. 2001). 
This model also makes it unnecessary to identify an oxidant for methane in the 
absence of a measureable sulfate flux. In order to make AOM energetically advantageous in 
the methanogenic zone, two possibilities exist to satisfy the observations of no sulfate flux in 
the methanogenic zone:  1) sulfide could be reoxidized via iron reduction and immediately 
reduced again via methane oxidation such that sulfate never pools in the dissolved phase, or 
2) oxidized iron could serve as the oxidant for methane directly. Iron is the most likely 
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candidate for the oxidant since it is the most abundant metal in marine sediments. If the first 
possibility is correct, we should be able to amplify dsrAB mRNA as readily as mcrA mRNA 
below the SMTZ. dsrAB mRNA amplification had a high success rate at the SMTZ, but 
greatly decreased in methanogenic sediments (Table 4-2). In contrast, all samples except 
surface samples yielded mcrA mRNA (with the exception of Dec-E and July-G which did not 
yield mcrA mRNA amplifications with general primers even at the SMTZ). Of the two 
resulting dsrAB mRNA clone libraries below the SMTZ, only the upper one resulted in 
clones similar to those from the SMTZ. The deeper sample produced only a relative of 
Desulfobacca acetoxidans, which is normally associated with freshwater sulfate reduction, 
and has never before been associated with AOM. Therefore, if dsrAB mRNA is present 
below the SMTZ, it is likely present in much lower abundance than mcrA mRNA.  
If AOM occurs below the SMTZ through iron reduction without a sulfate reducing 
intermediate, then enough oxidized iron would have to be bioavailable below the zone of 
sulfate depletion to fuel the observed AOM. Given that oxidized iron minerals react 
abiotically with sulfide to form pyrite, the presence of free sulfide is an indicator that the 
reactive iron surfaces have been titrated out, making iron unavailable as an electron acceptor 
below the sulfate depletion depth (Lyons and Berner 1992). Unvegetated sediments with free 
sulfide accumulation were shown to have no bioavailable iron below the sulfate depletion 
depth in a similar estuarine environment (Kostka et al. 2002). Therefore oxidized iron is 
unlikely to be present in large enough quantities to drive AOM below the SMTZ. 
Although we cannot completely rule out the possibility that ANME-1 are still 
deriving energy from AOM in the methanogenic zone, this process would require a 
previously undiscovered type of microbial metabolism (iron reduction obligately coupled to 
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sulfide oxidation, or iron reduction obligately coupled to methane oxidation), the discovery 
of dsrAB genes in ANMEs, or extraordinary preservation of bioavailable iron in the White 
Oak River estuary, or the presence of active sulfate reducers in the absence of measureable 
sulfate. The three-zone model of metabolic flexibility offers a simpler alternate explanation 
that fits ours and others’ observations well. 
4.5.4 Implications. If organisms can switch between AOM and MP, then the ability 
of this population to respond to changing environmental conditions would be rapid since 
cells can remain active at all depths throughout the sediment column. This would allow 
already active cells to respond immediately to a sudden methane flux simply by up-
regulating proteins, rather than building a new community from a small inactive population. 
This transcriptional response to limited methane inputs may explain why ANME-1 in the 
sulfate reduction zone have a higher RNA content per cell than in more well-established 
communities at the SMTZ and below. Since many methane ebullition events are episodic, the 
ability of a methane-consuming community to respond quickly would lessen the effects of 
these events on atmospheric methane levels (Dale et al. 2008). 
Our results do not unequivocally show that ANME-1 archaea are capable of 
methanogenesis; however, this explanation provides a much simpler model to describe our 
findings, and those of other researchers, than if these organisms were obliged to perform only 
AOM. These coastal sedimentary populations may be distinct from the microbial mats found 
at high methane flux oceanic seeps, since these populations have not been found to produce 
methane (Nauhaus et al. 2002; Treude et al. 2007). If the metabolic flexibility model is 
correct for ANME-1 in diffusive sediments, then it is important that all radiotracer 
measurements of AOM are accompanied by CO2 reduction measurements in order to 
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measure the net process. Also, ANME-1 organisms, and possibly other types of ANMEs 
should not be used as indicators of the occurrence of AOM in marine sediments, without 
concurrent geochemical measurements, since their presence could as easily signify 
methanogenesis as it does methane oxidation. 
 
  
Chapter 5 Uncultured groups are numerically dominant 
among archaea in the White Oak River estuary 
 
5.1 Abstract 
Not only are the vast majority of environmental microbes uncultured, many of them 
bear no close phylogenetic relation to groups with cultured members. Consequently, little is 
known about the types of metabolism, level of activity, or relative abundance of these groups 
in marine sediments. One of these uncultured groups, called the Miscellaneous 
Crenarchaeotal Group (MCG), was found to dominate clone libraries made from reverse 
transcribed 16S rRNA in the White Oak River estuary. Primers suitable for quantitative PCR 
were developed for MCG and used to show that 16S rRNA gene copy numbers from MCG 
account for nearly all the archaeal 16S rRNA genes present. Quantitative reverse 
transcription PCR (qRT-PCR) showed that less than 10 copies of rRNA were present per 
DNA copy for the MCG, assuming similar extraction yields for RNA and DNA. It appears 
that MCG dominates the archaeal biomass and diversity at this site, and these MCG may be 
functioning with a very low ribosome content. There is no evidence of a population shift with 
depth below the sulfate-methane transition zone, suggesting that the metabolism of MCG 
may not be tied to the sulfur or methane cycles. Given their high phylogenetic diversity, 
ubiquitous distribution in anoxic environments, and high DNA copy number relative to total 
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archaea, members of MCG are most likely anaerobic heterotrophs who are integral to the 
post-depositional marine carbon cycle. 
5.2 Introduction 
As sequencing of environmental genes in the marine environment becomes more 
common, it is rapidly becoming apparent that much of the diversity of archaeal 16S rRNA 
genes lies in groups with no closely related cultured relatives (Fry et al. 2008; Teske and 
Sørensen 2008). These groups have been given names that provide little information about 
group characteristics, but are useful for keeping track of where and when these sequences are 
recovered in environmental gene libraries. Names such as the Ancient Archaeal Group 
(AAG)(Takai and Horikoshi 1999), Marine Benthic Groups A through D (MBG A-D) 
(Vetriani et al. 1999), Deep Sea Archaeal Group (DSAG, also called MBG–B) (Vetriani et al. 
1999; Takai et al. 2001), Marine Groups I through III (MG I-III) (DeLong 1992; DeLong 
1998), Deep Hydrothermal Vent Euryarchaeota (DHVE)(Takai and Horikoshi 1999), South 
African Gold Mine Euryarchaeotal Group (SAGMEG) (Takai et al. 2001), Marine 
Hydrothermal Vent Group (MHVG) (Takai et al. 2001), Terrestrial Miscellaneous 
Euryarchaeotal Group (TMEG) (Takai et al. 2001), Deep Sea Euryarchaeotal Group (Takai et 
al. 2001) and the Miscellaneous Crenarchaeotal Group (MCG, which includes the NT-A3, 
NT-A4, terrestrial miscellaneous crenarchaotal group, and MBG-C) (Vetriani et al. 1999; 
Takai et al. 2001; Reed et al. 2002; Inagaki et al. 2003),  represent some, but not all of the 
most commonly retrieved archaeal sequences from marine sediments (Teske and Sørensen 
2008).  
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The MCG archaea, in particular, dominate clone libraries that were obtained from 
different marine sediments with different primer combinations and extraction methods, thus 
the MCG archaea likely represent a numerically and ecologically important group (Parkes et 
al. 2005). However, a group’s dominance in DNA-based clone libraries may not necessarily 
indicate that it is numerous or active in these sediments. Since clone libraries require an 
initial PCR amplification of DNA, which is subject to primer bias, relative representation of 
sequences in a clone library cannot be assumed to be quantitative (Suzuki and Giovannoni 
1996; Polz and Cavanaugh 1998). In addition, DNA is very stable in cold anoxic 
environments such as marine sediments, and may not represent active microbial community 
members. rRNA, on the other hand, is a more suitable indicator of active microbial 
populations since it is rapidly degraded in inactive cells, (Felske et al. 1996). Previous work 
has shown that reverse-transcribed 16S rRNA from MCG is detectable in the deep subsurface 
(Biddle et al. 2006). Further, the amount of crenarchaeotal RNA and DNA changes with 
depth over several orders of magnitude, in conjunction with community shifts between MCG 
and MBG-B archaea (Sørensen and Teske 2006; Biddle et al. 2008). However, neither of 
these studies targeted the quantification of MCGs specifically. Therefore, the full 
contribution of MCG archaea to total active microbial biomass is currently unknown. 
The purpose of the current study is to investigate the downcore diversity and 
abundance of the MCG group in White Oak River estuary sediments using clone libraries 
from reverse transcribed cDNA as well as quantitative PCR and reverse transcription PCR. 
The White Oak River estuary is easily accessible and work by others suggests that MCGs are 
prevalent in similar tidal mud flats (Kim et al. 2005). By developing qPCR primers for MCG 
16S rRNA sequences, we determined their abundance relative to total archaea in White Oak 
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estuary sediments. Since the retrieval of MCG 16S rRNA sequences from methane hydrate-
bearing sediments (Reed et al. 2002; Inagaki et al. 2006) and the sulfate-methane transition 
zone (SMTZ) of deep subsurface sediments (Biddle et al. 2006) suggests that MCG may be 
involved in sulfur- or methane-cycling, we compared the abundance of this group to sulfate 
and methane porewater concentration profiles. 
 
5.3 Methods 
5.3.1 Sample collection. Four ~1 m piston-cores were collected from ~1.5 m water 
depth at Station H in the White Oak River estuary, July 2005 (July-A and July-B), December 
2006 (Dec-E), or July 2008 (July-G). This section of the estuary remains saline throughout 
the tidal cycle. Cores were sectioned into 3 cm intervals at in situ temperature and 
subsampled for geochemical measurements. [insert geochem – reference Lloyd 2006]  
Molecular biology samples were frozen on dry ice or liquid nitrogen and stored at -80°C.  
5.3.2 cDNA clone libraries. Total RNA was extracted from all samples and 
amplified with general archaeal primers as described in Chapter 4. No RT-PCR reactions 
amplified without the reverse transcriptase step, indicating that DNA was effectively 
removed with TurboDNase (Ambion) treatment. 16S rRNA sequences were grouped into 
95% operational taxonomic units using Mothur (Schloss and Handelsman 2005; Schloss and 
Handelsman 2006), checked for chimeras with Bellerophon (Huber et al. 2004), aligned in 
the program Arb (www.arb-home.de) with the 2007 release of the Silva database (Pruesse et 
al. 2007), and assembled into trees with Paup (version 4.0d) (Swofford 2000). Only a few 
chimera were present in each cDNA library, and were removed. 
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5.3.3 Primer development and quantitative PCR and RT-PCR.  An alignment of 
615 MCG sequences from Genbank and the 2007 release of Silva were used to design 
primers specific for the marine-derived MCGs (235 sequences total) using the program Arb 
(www.home-arb.de). Primer pairs were chosen that had perfect matches to the majority of 
marine MCG, and at least one mismatch to other Crenarchaeota, Euryarchaeota, Bacteria, 
and Eukarya (Table 5-1).  Primers were designed for SYBR-Green qPCR and qRT-PCR, 
which require fragments smaller than 300 base pairs. qPCR and qRT-PCR were performed 
on core July-G using the MoBio PowerSoil extraction kit and qPCR and qRT-PCR methods 
described in Chapter 4. Total archaeal 16S rRNA genes were quantified using forward primer 
A915 (5’-GTG CTC CCC CGC CAA TTC CT-3’) (DeLong 1992), and reverse primer 
A1059r (5’-GCC ATG CAC CWC CTC T-3’) (Yu et al. 2005). Total MCG 16S rRNA genes 
and cDNA were quantified using primers MCG-528f and MCG-732r (Table 5-1). 
TABLE 0-1 PRIMERS TARGETING THE MISCELLANEOUS CRENARCHAEOTAL GROUP (MCG) OR ALL 
ARCHAEAL 16S RRNA GENES WITH MATCHES TO THE SILVA 2007 DATABASE 
 
 
 
 
 
 
 
 
5.4 Results 
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The majority of clones sequenced with general archaeal primers grouped within the 
MCG (Table 5-2). At 97% similarity, there were 142 operational taxonomic units (OTUs) 
within the MCG from all depths in the core. At 95% similarity, there were only 104 unique 
groups, which is a much more manageable size for tree-processing, considering that other 
published sequences need to be included for reference points. Trees were made based on 
95% similarity for this reason, even though 95% OTUs most likely understate the functional 
diversity present in these sediments. 
TABLE 0-2 ABUNDANCE OF MCG IN ARCHAEAL 16S RRNA CDNA CLONE LIBRARIES 
 
 
 
 
 
 
Even using a 95% OTU cut-off, high diversity is present within the MCG (Fig. 5-1). 
Most of the previously reported MCG subgroups are represented (MBG-C, MCG-1, MCG-3, 
MCG-4, PM-1, PM-2, PM-3, PM-4, PM-6, PM-7, PM-8, and pMARA-5) (Nercessian et al. 
2005; Sørensen and Teske 2006; Webster et al. 2006), although many of these groups are not 
supported by bootstrap values. Therefore further subgroupings might be required for the 
inclusion of the WOR sequences. Sequences from the SMTZ and below seemed to be equally 
distributed throughout the MCG tree, with no apparent population shift between the two 
types of sediment (Fig. 5-1). Only a single clone library was available above the SMTZ (at 3-
6 cmbsf in core July-B), and no MCG were present out of the 28 sequences obtained with 
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primers A8f and EelMS932r. No seasonality was observed with MCG types, since sequences 
from the winter core (E) were distributed throughout the MCG tree along with those from 
summer cores (A, B, and G). Euryarchaeotal sequences were present in lower abundance in 
these samples, including methanogen relatives, the Marine Benthic Group D and the 
Terrestrial Miscellaneous Euryarchaeotal Group (Lloyd 2009). 
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FIGURE 0-1 NEIGHBOR JOINING TREE OF 16S RRNA CDNAS FROM 95% OTUS WITHIN THE 
MISCELLANEOUS CRENARCHAEOTAL GROUP (MCG) 
Distance-based bootstrap support is listed for all nodes with over 50%, using 1000 
replicates. Sequenced derived from sediments in the SMTZ are in red and those from deeper 
sediments are in blue. Subgroup designations follow those of Sørensen et al. 2006 (Sørensen 
and Teske 2006), Vetriani et al. 1999 (Vetriani et al. 1999), Nercessian et al. 2005 
(Nercessian et al. 2005), and Webster et al. 2006 (Webster et al. 2006). 
 
The primer specificities of MCG-528 or MCG-534 as forward primers, paired with 
MCG-702 or MCG-732 as reverse primers, were assessed by amplifying plasmids containing 
a known MCG 16S rRNA gene, a mixture of known Euryarchaeotal 16S rRNA genes, 
Crenarchaeota 16S rRNA genes from groups other than the MCG, and a mixture of known 
Bacterial 16S rRNA genes, all derived from plasmids containing sequenced environmental 
cDNA (Table 5-3). All primers amplified the MCG 16S rRNA gene, and had no 
amplification after 40 cycles for any of the other groups tested. Amplifications of DNA 
extracted from natural sediment with 399 and 410 as forward primers had broad or multiple 
peaks in the dsDNA dissociation curves, indicating possible non-target amplifications. Using 
528 or 534 as the forward primers resulted in a single, sharp peak, although a small shoulder 
indicates possible small contribution from non-target sequences. qRT-PCR amplifications 
using MCG-528f and MCG-732r for 9-12 cmbsf were purified, cloned, and sequenced to 
make sure the correct target group was amplified. All 26 200bp clones examined had nearest 
BLAST hits within the MCG, or just outside it. 
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TABLE 0-3 CYCLE NUMBER OF DETECTION OF MCG-TARGETED PRIMERS WITH 40 CYCLE QPCR 
 
 
 
 
 
 
 
 
MCG 16S rRNA gene copy numbers were nearly identical to those measured for total 
archaeal 16S rRNA genes at all depths (~1.0 x 108 copies/g sediment; Fig. 5-2a). MCG 16S 
rRNA transcript copy numbers (~1.0 x 108 to ~1.0 x 109 copies/g sediment) outnumbered 
MCG 16S rRNA gene copy numbers by less than an order of magnitude. Neither MCG nor 
total archaeal 16S rRNA genes decreased much with depth. These 16S rRNA gene copy 
numbers are stable over tens of centimeters into the sediment, which has also been observed 
in Black Sea and Peru Margin sediments (Knittel et al. 2003; Schippers and Neretin 2006). 
MCG 16S rRNA transcripts relative to DNA, however, drop appreciably below the sulfate 
methane transition zone, suggesting that RNA content per cell might be lower there (Fig. 5-
2b). 
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FIGURE 0-2QUANTITATIVE PCR RESULTS FOR MCG VS. TOTAL ARCHAEA 
A) Quantitative PCR and RT-PCR results for core July-G total archaeal 16S rRNA 
genes (black squares), MCG 16S rRNA genes (red stars), and MCG 16S rRNA (blue 
squares). Shown are triplicate measurements for each sample.  B) Ratio of average cDNA to 
average DNA of MCG per depth, with error bars showing standard error propagated from 
triplicate measurements of each sample. Boxed area denotes the middle of the SMTZ (see 
Figure 4-2d in Chapter 4 for methane and sulfate concentrations). 
 
5.5 Discussion and Conclusions 
The retrieval of MCG-derived 16S rRNA transcripts from station H in the White Oak 
River estuary indicates that MCG were likely active at all depths examined in July 2005 and 
2008 and December 2006, with the exception of 3-6 cmbsf. The phylogenetic diversity of 
MCG does not appear to show patterns with sediment depth; sequences from different 
sediment layers are phylogenetically intertwined. Using an unfiltered 900 base pair 
alignment, the total MCG intragroup Jukes-Cantor distance is 30%, based on an alignment of 
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615 MCG sequences from the 2007 Silva database release augmented by newer sequences 
from Genbank. (April 2009). The intragroup distance (29%) across all WOR MCG sequences 
nearly spans the distance of the larger database. This level of distance is larger than the 
intergroup distance (26%) of all methanogen lineages. This phylogenetic depth of the MCG 
group suggests that MCG might harbor similar or greater functional diversity. 
The dominance of MCG in archaeal cDNA clone libraries is quantitatively 
substantiated by qPCR and qRT-PCR data showing that MCG is numerically dominant 
among the archaea (Table 5-2, Fig. 5-2a). Therefore, MCG appears to be active in White Oak 
River sediments, and its dominance among archaea implies that it might be a crucial 
component of the microbial community here. The RNA content of MCG appears to be 
unreasonably low, at less than 10 copies of RNA per DNA copy (Fig. 5-2b). Several possible 
sources of error make the RNA and DNA comparison problematic. 1) RNA quantification 
requires an initial reverse transcription step, where secondary structure of the rRNA molecule 
may disrupt primer binding. 2) Much of the extracted RNA might be lost during processing 
due to its inherent instability relative to DNA. 3) Quantifications of DNA copy numbers 
might include DNA from inactive cells whose RNA is degraded, but whose DNA has yet to 
be degraded. Even if the absolute copy numbers of either RNA or DNA might be biased, the 
data allow inferences about changes within RNA and within DNA relative to depth and 
changes in RNA to DNA ratios with depth. 16S rRNA transcript copies of MCG drop below 
the SMTZ, while 16S rRNA gene copies of MCG remain constant.  Therefore the ratio of 
RNA to DNA decreases below the SMTZ The shift to lower RNA content per DNA within 
the MCGs below the SMTZ may indicate that MCG are involved in organic matter 
degradation, and become less active as the remaining organic matter becomes more 
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recalcitrant. Or, perhaps this group relies on more oxidized electron acceptors that are in 
higher abundance in the sulfate reduction zone, such as sulfate or oxidized iron compounds.   
The high diversity and abundance of archaea from the MCG suggest that they are 
important components of the sedimentary microbial community in the White Oak River 
estuary. The cosmopolitan distribution of the MCG archaea in different sulfate reducing and 
methanogenic sediments might suggest that these archaea show no clear geochemical habitat 
preferences within the anoxic sediment column. MCG have been found in anoxic terrestrial 
as well as anoxic marine environments including hot springs (Barns et al. 1996; Kanokratana 
et al. 2004), hydrothermal vent fluid (Nercessian et al. 2005; Huber et al. 2006), deep oceanic 
subsurface sediments (Parkes et al. 2005), deep terrestrial subsurface (Inagaki et al. 2003; 
Shimizu et al. 2006), continental shelf sediments (Vetriani et al. 1998), ancient marine 
sapropels (Coolen et al. 2002), petroleum contaminated soil (Kasai et al. 2005), termite guts 
(Friedrich et al. 2001), mud volcanoes (Heijs et al. 2007), methane hydrate-containing marine 
sediments (Inagaki et al. 2006), tropical hydrocarbon seeps (Wasmund et al. 2009), landfill 
leachate (Huang et al. 2003; Laloui-Carpentier et al. 2006), anaerobic wastewater reactors 
(Chouari et al. 2005; Collins et al. 2005; Roest et al. 2005), sulfidic springs (Elshahed et al. 
2003), brackish lakes (Hershberger et al. 1996; Banning et al. 2005), and coastal salt marshes 
(Castro and Orgram 2004; Koch et al. 2006). Although the MCG seem to appear in clone 
libraries from nearly every type of sediment studied, there are some studies where large 
archaeal clone libraries do not contain MCG.  These come from methane seeps (Knittel et al. 
2005; Lloyd et al. 2006), and hydrothermal vents (Reysenbach et al. 2000; Huber et al. 
2002), but many of these studies used the archaeal reverse primer A958r, which is biased 
against MCG (Teske and Sørensen 2008). However, Inagaki et al. 2003 found a preference of 
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the MCG for volcanic ash layers and Coolen et al. found them primarily in sapropel layers, 
suggesting a preference for organic matter rich sediment layers. Consistent with this habitat 
preference, a heterotrophic metabolism is suggested by the carbon isotope ratios of lipids and 
whole cells extracted from MCG-rich deep oceanic subsurface sediments (Biddle et al. 
2006). Our 16S rRNA transcription data suggest that MCG are found throughout the sulfate 
reducing and methanogenic parts of the sediment column the transcript to gene ratios are 
highest in the lower sulfate reduction zone and in the sulfate reduction zone.  It is therefore 
likely that MCG are a ubiquitous, numerically dominant group of anaerobic heterotrophs that 
can access a wide variety of substrates (given their phylogenetic diversity and wide 
distribution). This possibly large contribution to post-depositional carbon remineralization 
makes MCG a useful target for future culturing and ecophysiological research. 
 
 
  
Appendix A 
 
 
These are the outputs from the model described in section 3.3.2, fit to sulfate and 
sulfate reduction rate data in Fig. 3-2 by Marc Alperin. Yellow and red markers are measured 
data. Blue lines are the model fit to the sulfate reduction rates, and the predicted sulfate 
concentration profile for those rates. 
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Appendix B 
 
I measured sulfate from this core by filling 15 ml Falcon tubes with mud, and 
freezing them.  After 4 months of sitting in the freezer, I thawed them, centrifuged them, and 
analyzed the porewater for sulfate to give the following curve: 
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Bad method for measuring sulfate
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The deep samples had lots of sulfide (I could smell it) that may have oxidized over 
the time they were sitting in the freezer, or as I worked with them to make the measurements.  
In order to avoid sulfide reoxidation during measurement, it’s necessary to acidify the sample 
and bubble off the sulfide before measuring the samples.  I did this for subsequent cores and 
got a sulfate asymptote that was indistinguishable from zero with the error in the 
measurements (~0.03 mM sulfate).   
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On these same cores, I also preserved some mud identically to the method I had used 
for the July 2005 core.  These have been frozen at -80°C for just over 2 years now.  Today I 
measured the 4 samples I had saved from below the sulfate depletion zone identically to how 
I measured the July 2005 samples.  The difference between the sulfate concentrations I 
measured with the acidification method and the original method quantifies the effect of not 
acidifying the samples.  (Presumably this is the amount of sulfide reoxidized in the non-
acidification method).  The average size of this effect was 0.65 (± 0.3) mM sulfate.  
Subtracting this value from the curve above and using 0.3 for the error bars results in the 
following curve. 
 
122 
 
Core A corrected sulfate curve
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Here, I have not simply assumed that my method resulted in a bad measurement, I’ve 
shown that the amount of sulfide reoxidized by this bad method fully accounts for the sulfate 
asymptote.  When the quantity of sulfide reoxidized in this method is removed, the deep 
samples become indistinguishable from zero. 
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